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Summary

Microbial communities often exhibit complex spatial structures that are important for their

functioning, ecology and evolution. While the role of biochemical interactions has been exten-

sively studied, it is unclear how physical interactions contribute to the structuring of multi-

species and phenotypically diverse bacterial communities.

Here, we investigate the physical effect of motility, a key bacterial trait, on the spatial

organization of complex communities, using binary bacterial mixtures as a minimal model

system, where one component is motile and the other is not. We observe that large spatial

heterogeneities in the density of non-motile cells arise under the influence of the motile cells,

which themselves remain homogeneous. Using a combination of experiments and quantitative

modelling, we show that this patterning results solely from physical interactions and relies

on two key ingredients: by swimming in circles on the surface, the motile bacteria generate

recirculating hydrodynamic flows that advect non-motile cells, and the breaking of vertical

symmetry by gravity allows local density accumulation. As the configuration of the motile cells

swimming on the surface rearranges, the advection landscape also does, making the density

patterns fluctuate. This new non-equilibrium mechanism for pattern formation in bacteria

belongs to a different class compared to previous models for self-organization in self-propelled

systems, which rely on localized traffic jamming in two dimensions. It is instead similar to

fluctuation-dominated phase ordering in active nematics.

As these density patterns form over a wide range of biologically relevant densities of both

phenotypes, we also investigated their effect on the aggregation of adherent non-motile cells and

on biofilm formation. We found that the activity of the motile cells enhances the aggregation

of non-motile bacteria and that adhesive motile cells promote the formation of complex, three-

dimensional biofilm structures, suggesting that motility, together with the ability of motile cells

to aggregate, is important for the early stages of biofilm formation.

These results show how the activity of motile species can shape the spatial organization of

complex microbial communities and highlight the importance of studying the physical interac-

tions in these communities.
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Zusammenfassung

Mikrobielle Gemeinschaften weisen oft komplexe räumliche Strukturen auf, die für ihre Funk-

tionsweise, Ökologie und Evolution wichtig sind. Während die Rolle der biochemischen Inter-

aktionen umfassend untersucht wurde, ist unklar, wie physikalische Interaktionen zur Struk-

turierung von artenreichen und phänotypisch vielfältigen bakteriellen Gemeinschaften beitra-

gen.

Hier untersuchen wir die physikalischen Auswirkungen der Motilität auf die räumliche Or-

ganisation komplexer bakterieller Gemeinschaften, indem wir binäre bakterielle Mischungen

als minimales Modellsystem verwenden, welche beweglich und unbewegliche Bakterien enthält.

Wir beobachten, dass große räumliche Heterogenitäten in der Dichte der unbeweglichen Zellen

unter dem Einfluss der beweglichen Zellen entstehen, die selbst homogen bleiben. Mit einer

Kombination aus Experimenten und quantitativer Modellierung zeigen wir, dass diese Muster

ausschließlich auf physikalischen Wechselwirkungen beruhen und zwei Schlüsselfaktoren voraus-

setzen: (1) Indem bewegliche Bakterien auf der Oberfläche im Kreis schwimmen, erzeugen sie

zirkulierende hydrodynamische Strömungen, die die unbeweglichen Zellen vorantreiben. (2) Die

Aufhebung der vertikalen Symmetrie durch die Schwerkraft ermöglicht eine lokale Dichteakku-

mulation. Wenn sich die Konfiguration der beweglichen Zellen, die auf der Oberfläche schwim-

men, ändert, ändert sich auch die Advektionslandschaft, wodurch die Dichtemuster fluktu-

ieren. Dieser neue Nichtgleichgewichts-Mechanismus für die Musterbildung in Bakterien gehört

zu einer anderen Klasse als frühere Modelle für die Selbstorganisation in selbstangetriebenen

Systemen, die auf einem lokalisierten Verkehrsstau in zwei Dimensionen beruhen. Er ähnelt

vielmehr der fluktuationsdominierten Phasenordnung in der aktiven Nematika.

Da sich diese Dichtemuster über einen weiten Bereich biologisch relevanter Dichten beider

Phänotypen bilden, haben wir auch ihre Auswirkungen auf die Aggregation anhaftender nicht-

motiler Zellen und auf die Biofilmbildung untersucht. Wir fanden heraus, dass die Aktivität

der motilen Zellen die Aggregation von nicht-motilen Bakterien verstärkt und dass anhaftende

motile Zellen die Bildung komplexer, dreidimensionaler Biofilmstrukturen fördern, was darauf

hindeutet, dass Motilität zusammen mit der Fähigkeit der motilen Zellen zur Aggregation für

die frühen Stadien der Biofilmbildung wichtig ist.

Diese Ergebnisse zeigen, wie die Aktivität beweglicher Spezies die räumliche Organisation

komplexer mikrobieller Gemeinschaften prägen kann und unterstreichen die Bedeutung der

Untersuchung der physikalischer Interaktionen in diesen Gemeinschaften.
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Chapter 1

Introduction

In this thesis, we investigate the effects of motility and other physical factors on the spatial

organization of bacterial communities. In the following, I will therefore introduce the biological

and physical basis of motility, how motility can induce specific spatial organization and other

physical principles relevant to this study. Additionally, I will introduce the principles of bacterial

aggregation and biofilms, and the importance of spatial structuring in these.

1.1 Biological bases of motility

Different microorganisms have different types of motility, including active movements like

gliding (adhesin-mediated motion on surfaces), twitching (retraction of type IV pili to move on

surfaces), and swimming (propulsion through liquids via flagella), and passive motion (surface

sliding, without self-propulsion)1,2. One of the most prevalent forms of motility in bacteria is

propulsion by rotating helical flagella. In the model organism Escherichia coli, numerous flagella

distributed throughout the cell body come together and form a bundle during swimming. Each

flagellum consists of three main parts, each of which is composed of different proteins (Fig.

1.1a); the flagellum filament is long (10 µm) and composed of the protein FliC. The hook is

flexible and connects the filament with the motor. The motor rotates the flagellum and is the

more complex component, comprising a rotor and stators. The stators are ion channels formed

by the proteins MotA and MotB. When ions flow through the channels, a torque is generated

allowing the stators to interact with the rotor (FliG), making it spin3. To fine-tune flagellar

rotation, the flagellar break protein YcgR interacts with the motor proteins MotA and FliG,

decreasing the rotation speed of the flagellar motor4,5.

Depending on the direction of motion of the motor, the flagellum can rotate clockwise (CW)

or counter-clockwise (CCW). Due to the chirality of the flagellum, its CW and CCW rotations

2



3 1.1. Biological bases of motility

run

tumble

A
W

W
-P

ATP
ADP

Y

Y -P

Z

CCW

CW

-P

Attractants

������

������

������

�����

� � � �

� �

Figure 1.1: Motility in E. coli. a) Schematic representation of the E. coli flagellum. Adapted from reference11.
b) Run and tumble swimming behavior of E. coli. When all the flagella rotate counterclockwise (CCW) they
form a bundle and the bacterium swims straight. When one or more of the flagella change the rotation to
clockwise (CW), the flagellar bundle disassembles and the bacterium tumbles. When this process is modulated
by external chemical cues, it allows the bacteria to follow chemical gradients. c) Schematic representation of
part of the chemotactic pathway in E. coli. The chemoreceptors detect the signals and modulate the activity
of CheA, which transmits the signal to CheY via phosphorylation. The phosphorylated CheY binds to the
flagellar motor to change the rotation of the flagellum from counterclockwise (CCW) to clockwise (CW). CheZ
regulates the process by dephosphorylating CheY. b-c) Adapted from Colin et al. (2021)12.

are not equivalent. When all the flagella rotate CCW, they form a bundle and the bacterium

swims forward, in a so-called ‘run’, which typically lasts around 1 second in the absence of

chemical cues. When one or more flagella change the rotational direction to CW, the flagellar

bundle disassembles and the bacterium ‘tumbles’ for approximately 0.1 seconds, changing the

direction of swimming. This run-and-tumble sequence results in an exploratory random walk

pattern that allows the bacterium to navigate the environment6 (Fig. 1.1b).

Bacterial motility is metabolically very costly due to the production of all its components,

in particular the flagellar filament. The expression of motility genes can therefore significantly

reduce bacterial growth under conditions where it is not advantageous, implying that its pro-

duction should confer a significant benefit when it is advantageous7–9. Chemotaxis is one of the

most important benefits of motility. It allows bacteria to explore the environment and move to-

wards more favourable conditions (attractants) or away from harmful substances (repellents),

allowing them to colonise new niches and optimise their survival, adaptability and growth.

When they move towards quorum-sensing chemicals released by other cells, their aggregation

is enhanced10, which can provide protection and shared resources for bacteria.

The chemotactic pathway is a sensory and response system to follow chemical gradients

that modulates the tumble frequency. Chemical signals (attractants and repellents) are sensed

by the receptors in the outer membrane of the cell. The signal is translated inside the cells
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by modulating the autophosphorylation activity of the histidine kinase CheA. Phosphorylated

CheA transfers the phosphoryl group to the response regulator CheY, forming CheY-P. CheY-P

then interacts with the flagellar motor, increasing the probability of CW rotation of the flagella

and therefore a tumble. The phosphatase CheZ rapidly dephosphorylates CheY-P, increasing

the probability of CCW rotation and therefore straight run, ensuring time accuracy of the

chemotactic response8,12–14 (Fig. 1.1c).

1.2 Physics of motile bacteria

1.2.1 Single-cell physics of motility

Given their small size, microorganisms swim in a viscous fluid flow regime where inertia

cannot be exploited. This requires different swimming strategies to those of larger species15,16.

The Reynolds number (Re) is typically used to describe the nature of the fluid flow regime,

whether it is laminar or turbulent. Specifically, Re is a dimensionless quantity defined as the

ratio of inertial forces to viscous forces, expressed as; Re = ρLU/η, where ρ and η are the fluid

density and viscosity, respectively, and L and U are the body size and velocity, respectively.

For E. coli (L ≈ 1 µm, U ≈ 10 µm s−1) swimming in water (ρ ≈ 103 kg m−3, η ≈ 10−3 Pa s),

Re ≈ 10−5. Such a low Reynolds number means that viscous forces dominate the fluid regime

over inertial forces and that the fluid dynamics are time-reversible. As a result, according to

the scallop theorem, reciprocal motion (a motion that can be reversed in time without altering

the fluid dynamics) will not produce any net movement. Consequently, microorganisms have

evolved propulsion strategies that break the time symmetry and are therefore effective in over-

coming and exploiting viscous drag15–17. One of these strategies is the propulsion by rotating

helical flagella, as this rotation is a non-reciprocal motion that breaks the time symmetry.

E. coli has helical flagella randomly distributed over its body, which form a bundle when all

of them rotate CCW (Fig. 1.1b). This flagellar bundle can be seen as a slender body moving

in a viscous fluid. When the bundle rotates, the friction it experiences is not uniform across

its length given its shape, and due to this anisotropy, it generates a net force that propels the

bacteria forward6,18 (Fig. 1.2a). The bacterium swims at a constant velocity, and if the motors

cease rotation, the bacterium stops swimming immediately. This implies that the bacterium

neither accelerates nor decelerates. As there is no inertia (low Reynolds number), movement

at constant velocity requires balanced forces. The thrust generated by the flagella is therefore

counterbalanced at every instant by the drag forces of the fluid on the bacterium, making

the bacterium force-free. Additionally, the torque generated by the rotation of the flagellar
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Figure 1.2: Physics of motility in E. coli. a) Schematic representation of the swimming of E. coli by
rotation of helical flagella with local velocity u. The anisotropy in the drag forces along the flagellar bundle
(f∥ ̸= f⊥) allows the generation of the propulsion forces (fprop). Adapted from Lauga and Powers (2009)16. b)
Experimentally measured average flow field created by a single freely swimming bacterium far from surfaces.
Adapted from Drescher et al. (2011)20. c) E. coli cells swimming in circular trajectories near a solid surface.
Superposition of 8 seconds of phase-contrast images. Adapted from Lauga et al. (2006)25.

bundle is compensated by the rotation of the body in the opposite direction, making the whole

bacterium also torque-free15–17.

Given that a swimming bacterium in a viscous fluid is force-free and torque-free, the body

of the bacterium pushes the fluid with equal force as the rotating bundle. Far from the cell, the

bacterium can be seen as a dipole of forces that generates a long-range symmetric flow field19,20

(Fig. 1.2b). Therefore, the effect of the swimming bacteria cannot be neglected in the far-field,

and their swimming behaviour is affected by hydrodynamic interactions between bacteria and

with surfaces. When two bacteria interact, an initial polar alignment due to the long-range

hydrodynamic interactions take place, followed by a consecutive steric interaction when in close

proximity21–24. The effects of interactions between bacteria will be further introduced in section

1.2.2.

The proximity to the surface also affects the swimming behaviour of bacteria. Similar to

the cell-cell interactions, when a cell approaches a surface, it gets attracted by hydrodynamic

interactions20,26–30. This results in an alignment with the surface, which increases the viscous

load on the flagella. The motors then adapt by recruiting more stator units and enhancing

the rotation of the flagella31. Several studies suggest that hydrodynamic interactions between

the bacterium and the surface (or a colloid) reduce the wobbling and the tumbling rate of

the bacterium, enhancing its motility32–34, although a recent study suggests that the lower

tumbling rate close to surfaces might result from a sampling effect rather than a consequence

of the interaction with the surface35. Nevertheless, the cell gets trapped close to the surface for

longer than the typical run time, as tumbling is the principal way a bacterium has to escape

this entrapment35.

In addition, the trajectory of the bacterium is also modified when it swims close to a surface.
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When an object rotates close to a surface, the rotation creates a proportional drag force parallel

to the surface and perpendicular to the axis of rotation. Given that the cell body and the

flagellar bundle rotate in opposite directions, the drag forces they generate are also opposite.

These forces create a negative torque in the vertical direction, which makes the bacterium rotate

clockwise around the z-axis (Fig. 1.2c). The closer the cells are to the surface, the stronger

this torque is and therefore the smaller the radius of the circular trajectory25,36–38.

1.2.2 Collective behaviors induced by the physics of motility

Bacterial suspensions are active fluids, which are driven out of equilibrium by swimmers

constantly exerting mechanical energy into the fluid39, as seen in section 1.2.1. Systems out

of equilibrium display different characteristics as a consequence of this activity. One of these

characteristics is the emergence of giant number fluctuations (GNF) in the density of the

particles in the system, which are usually observed close to phase transition. As predicted

by the central limit theorem, in a system in equilibrium the average number of particles in a

given region fluctuates with a standard deviation that is proportional to the square root of the

mean number of particles. With GNF, however, the standard deviation grows substantially

faster than the square root of the mean number of particles, as an intrinsic consequence of

the activity of the swimmers or active particles40–42. These density fluctuations have been

observed in both homogeneous populations of active particles and in mixtures of active and

passive particles. They can range from dense-loose clusters in motility-induced phase separation

to the emergence of swirling collective motion observed in bacterial turbulence or fluctuation-

dominated phase ordering, as described below.

Homogeneous populations

In homogeneous populations of active particles, like active Brownian particles or motile

bacteria, if the velocity of the particles decreases when their density increases, they can spon-

taneously separate into coexisting dense (slow) and dilute (fast) phases without any attractive

interactions between them. This phenomenon is known as motility-induced phase separation

(MIPS)43–45. In the case of active Brownian particles, MIPS can arise because of local traffic

jamming via steric interactions44,46,47. In bacteria, MIPS can result from density-induced bi-

ological downregulation of motility48, but not as a direct physical decrease in their swimming

speed, as this is prevented by polar ordering between the swimming bacteria. This polar order-

ing refers to the alignment of the interacting bacteria along their long axis, and it is the result

of the hydrodynamic and steric interactions between the rod-shaped swimming bacteria22,24,
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as explained in section 1.2.1.

In dense populations of motile bacteria (volume fraction ϕ > 1 %), this polar alignment can

give rise to the emergence of a swirling collective motion known as bacterial turbulence, where

the density of the bacteria fluctuates in intermittent eddies and jets22,24,49–56. This phenomenon

has been observed in rod-shaped bacteria such as E. coli 56 and Bacillus subtilis 22,54,55, but also

in active nematics57.

Another type of bacterial collective motion where GNF emerge is swarming, where the hy-

drodynamic interactions between the bacteria and a nearby solid boundary (usually semi-solid

agar gels) induce the emergence of swirls in collective motion53,58–60. Bacteria that form part

of a swarm also undergo physiological changes, such as cell body elongation and hyperflagella-

tion61–63.

In both swarming and bacterial turbulence, chemotaxis is largely suppressed due to the

high bacterial densities24. However, bacteria can chemotax towards other cells, which can also

produce density patterns64, ranging from 100 µm large aggregates10, to both static and dynamic

structures on a 1-10 mm scale65–68.

Heterogeneous populations

The previous section considered the effect of the activity of motile bacteria in homogeneous

populations. We now consider the effect of this activity in heterogeneous mixtures of motile

cells (or active particles) and passive agents.

It has been widely observed that motile bacteria enhance the diffusion of passive particles,

independently of the particle shape or the dimensions of the system69–76. This enhanced diffu-

sion notably affects the sedimentation of the particles, reducing their sedimentation speed in a

bacterial density-dependent way77,78. When the motile bacteria are restricted to a monolayer

on a solid boundary, forming an active carpet on the bottom surface (Fig. 1.3a), the diffusion

of passive particles is also enhanced and their sedimentation is therefore hindered79,80 (Fig.

1.3b-c). Active carpets can also be composed of beating cilia and active particles as the active

agents80, but are especially relevant for bacterial populations given that, as described above,

they localize close to surfaces due to steric and hydrodynamic trapping20,26–30.

Simulation-based studies have been used to understand the dynamics of heterogeneous mix-

tures of particles. Passive and active particles co-segregate in dynamic clusters driven by the

activity of the active particles in a mechanism reminiscent of MIPS81. Similarly, active particles

with different mobilities also seem to demix82. Numerical simulations of mixtures of active and

passive Brownian particles of both disks and rods showed that the active particles collide with



CHAPTER 1. INTRODUCTION 8

� � � � � �

� � � �

Figure 1.3: Physical effect of motility on populations of bacteria with colloids. a) Flow field generated
by motile bacteria (represented by force dipoles), forming an active carpet. b) Schematic representation of the
sedimentation of particles (velocity vg due to gravity) towards an active carpet, being pushed up by the active
fluctuations generated by the carpet (dashed purple line). c) Vertical distributions of particle density for
different vg. a-c) Adapted from Guzman-Lastra et al. (2021)80. d) Schematic representation of a bath of beads
(diameter 5 µm) with bacteria. e) Clustering of beads induced by the activity of a bacterial bath at bacterial
OD = 5. d-e) Adapted from Bouvard et al. (2023)96.

the passive ones leading to the formation of clusters (Fig. 1.3d-e).

In two dimensions, this leads to the emergence of spatial co-organization patterns and there-

fore to GNF for both agents in the mixture83–90. When passive particles are coupled to an

active nematic, which commonly models dense active actin filament suspensions rather than

bacteria91, a fluctuation dominated phase ordering (FDPO) has been observed in simulations.

In this phenomenon, large-scale density fluctuations of the passive particles emerge as they surf

on the two-dimensional active nematic40,92,93.

With regard to experimental investigation, only a few studies have combined active and

passive particles. Though algae generate a flow field distinct to that of swimming E. coli,

a mixture of algae and colloids results in demixing of the latter when under confinement94.

Finally, it has also been observed that large passive Brownian colloids may experience effective

attractive interactions when in suspension with motile bacteria (Burkholderia contaminants,

E. coli and Pseudomonas aurantiaca), leading to clustering95,96 (Fig. 1.3d-e), and enhanced

aggregation97,98.

In summary, the above studies show that the activity of motile cells (or active particles) is
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sufficient to significantly alter the spatial distribution of both homogeneous and heterogeneous

populations of particles, in different ways and across different conditions. However, the effect

of the activity of motile cells on the spatial organization of living systems remains unknown, as

the research to date has only focused on either simulations or experiments with colloids.

1.2.3 Physics of colloids relevant to bacteria

Bacteria can be seen and studied as colloids, which are small particles (0.01 - 10 µm range)

and therefore subject to Brownian motion. Brownian particles can be active or passive, as

bacteria can be motile or non-motile. Both passive Brownian particles (PBP) and non-motile

bacteria can be considered equivalent, given that both move by diffusion, can be of the same

size and density and are therefore subject to the same physical constraints, such as gravity.

As for the motile bacteria and the active Brownian particles (ABP), they can be compared

but only under certain circumstances. As previously discussed in section 1.1, bacteria are self-

propelled particles that alternate straight runs with reorientation events, i.e., tumbles. Whilst,

the ABP are also self-propelled, they slowly reorient by rotational diffusion, and therefore their

motion differs from motile bacteria at short scales. However, at long time and length scales

their behaviour is similar, as their translational diffusion is the same99,100. Furthermore, ABP

get trapped close to surfaces like motile bacteria101, but at short length scales their behaviour

close to surfaces differs102.

Based on the similarities between bacteria and colloids, especially when passive, this section

considers the physics of colloids relevant to bacteria.

Aggregation

In nature, bacteria can form aggregates that can protect them from harmful environments103.

The formation of these aggregates is usually mediated via the secretion of an attractant and a

chemotactic response10,104, as well as via hydrodynamic interactions23. For colloids, aggregation

is a well-studied process. The formation of an aggregate depends on the encounter rate of

the particles it is being formed of and on their ‘stickiness’. The encounter rate (or collision

frequency) of two particles depends on the volume fraction of the particles and on their diffusion.

The stickiness is defined as the probability that two particles will aggregate when they collide

with each other. If the limiting factor for aggregation is the encounter rate, then the process is

diffusion-limited aggregation (DLA)105. If the limiting factor is the stickiness, then the process

is reaction-limited aggregation (RLA)106. When the initial volume fraction of particles exceeds

a certain threshold, all the particles form an interconnected network or gel, in a process known
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as gelation. The gelation threshold depends on several factors, such as the particle’s shape and

the aggregation process.107–109.

Early studies revealed how the morphology of an aggregate is directly related to its pro-

cess of formation. DLA results in ramified aggregates while RLA results in more compact

aggregates110,111. A common way to characterize the aggregate’s morphology is by the fractal

dimension (DF ). The term ‘fractal’ derives from ‘fractional’, indicating that unlike objects

characterized by integer dimensions (such as 1D lines, 2D planes, or 3D solids), fractals are

defined by non-integer dimensions due to their complex scaling properties. In the context of

aggregates, the fractal dimension serves as a quantitative measure of the scaling relationship

between the mass of the aggregate (M) and its size, given by its radius of gyration RG (mean

distance of each particle to the centre of mass of the aggregate). This relationship follows a

power law, expressed as M ∝ RD F
G . Lower DF values indicate more open and ramified aggre-

gates, while higher DF values correspond to more compact and dense aggregates110–113 (Fig.

1.4a).

Recent studies, however, have shown that the relationship between the aggregate’s forma-

tion and its morphology is not as straightforward as previously thought. An example of this

complexity is observed when the shape of the particles is not spherical. Elongated particles

(which are more similar to E. coli) have anisotropic diffusion and aggregation kinetics, and

when they aggregate, both the dynamics of aggregation and the morphology of the resulting

aggregates change significantly compared to those of spherical particles114. Furthermore, repul-

sion or depletion interactions between the particles significantly alters the properties of a DLA

process, such that it can even exhibit characteristics of the RLA115–117. Additionally, whether

the aggregates originate from single particles, other small aggregates, or a combination thereof,

affects the properties of the resulting aggregates118. Moreover, the presence of motile bacteria

in the media also strongly influences the aggregation of colloids. As mentioned in section 1.2.2,

motile bacteria enhance the diffusion of colloids69–75. When the colloids can aggregate due to

depletion interactions, their aggregation is therefore also enhanced and the morphology of the

resulting aggregates changes notably from ramified (low DF ) to compact (high DF )97,98.

Sedimentation also affects particle aggregation, as shown by simulations studies and ex-

periments with colloids. Particles that sediment tend to aggregate faster119 and form denser

aggregates with a higher fractal dimension120. The fractal dimension varies with particle con-

centration, leading to different aggregation behaviours: at high concentrations, aggregation

occurs during sedimentation, while at low concentrations, aggregation happens after sedimen-

tation, resulting in two-dimensional structures120. More recent studies with simulations have
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Figure 1.4: Effect of aggregation and gravity on colloidal particles. a) Aggregates with the same mass
(214 particles each) and different fractal dimensions, as indicated. The three aggregates are not on the same
scale. Adapted from Thouy et al. (1998)125. b) Snapshots of colloids with Rayleigh–Taylor-like instabilities
that emerge when sedimentation proceeds a demixed initial state. The first column is a time series of the vertical
confocal projection of the colloids in the sedimentation process. The second column is a snapshot taken at the
time and position indicated with a dotted line in the first column. The scale bar represents 40 µm. Adapted
from Wysocki et al. (2009)126.

shown that the effect of sedimentation on aggregation is not merely due to a faster movement in

the vertical plane which enhances the probability of collision, but rather that long-range hydro-

dynamic interactions between the sedimenting particles121 or an effective attraction between

them122 are essential to explain enhanced aggregation in the sedimenting regime.

Collectively, these studies outline the critical role of gravity on colloidal aggregation: sed-

imentation leads to more compact aggregates than those formed when the particles are not

subject to gravity. Contrary to this, recent studies have shown that the addition of rotational

diffusion alone123 or together with sedimentation124 to the classical DLCA model results in a

slower aggregation dynamic and a lower fractal dimension for the resulting aggregates. Particle

stickiness may also be an important parameter, since it may lead to a RLCA regime124.

Gravity

Based on the clear importance of gravity on aggregation, we now turn to consider the effect

of gravity alone on colloidal suspensions.

Sedimenting particles perturb the fluid as they sediment, thus they can be seen as force

monopoles. This can give rise to hydrodynamic attractions between the sedimenting particles,

bringing them together and forming aggregates121 or dense and unstable structures when the

particles are rigid fibers127.

A particularly striking and extreme case of the impact of sedimentation can be observed when

all particles are placed at the top of the suspension and are left to sediment. Several studies

showed that in these systems, Rayleigh-Taylor-like instabilities emerge126,128,129 (Fig. 1.4b).

The Rayleigh-Taylor instability arises when a denser fluid is above a lighter one, and to reduce
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its potential energy, the system inverts the fluid’s positions, causing the interface between

them to fluctuate. These fluctuations grow and become unstable, developing the Rayleigh-

Taylor instability. Given that the denser fluid is on top of the lighter one, this process is driven

by the gravitational force. It is interesting to note that only with the gravitational force and

an initial demixed state such hydrodynamic instabilities can emerge in colloidal suspensions.

Studies on sedimenting ABPs show that their sedimentation length (i.e., the characteristic

distance over which particles settle in a fluid due to gravity) is increased as a result of their

increased diffusion130,131, as observed for PBPs in bacterial baths77–80. More recent studies, with

both simulations and experimental evidence, have shown that the sedimentation of bacterial

populations differs from that of single cells due to hydrodynamic interactions132,133.

1.3 Cell aggregation and Biofilms

So far in this Introduction, we have talked about the physics relevant to bacteria and how

only with physical interactions complex structures can emerge. In this section, we will talk

about complex structures of microorganisms found in nature, including aggregates and biofilms.

Bacterial aggregates are clusters of bacterial cells that are suspended in a medium rather

than attached to a surface, as biofilms are. The aggregation is facilitated by adhesins, which

are surface-proteins that mediate cell-cell adhesion. In this study, we will focus on Antigen 43

(Ag43) among the various adhesins present in E. coli, as it is the main adhesin expressed in our

experimental settings. Ag43 is a “Velcro-like” adhesin, two Ag43 from two different cells interact

to mediate their autoaggregation. Ag43 expression is tightly regulated by phase variation.

The transcription of the Ag43 gene, flu, is repressed by the cellular redox sensor OxyR and

activated by the Dam methyltransferase103. As a consequence of the phase variation, a clonal

population of E. coli comprises cells that express Ag43 and cells that do not. Remarkably, the

aggregation of E. coli can be mediated by chemotaxis. E. coli cells can both secrete and sense

a molecule known as autoinducer 2 (AI-2). E. coli moves towards sources of AI-2, promoting

auto-aggregation when they are producers10 and co-aggregation with other species that also

secrete AI-2, such as Enterococcus faecalis 104 (Fig. 1.5c). In this way, AI-2 acts as a quorum

sensor in bacteria, and can help to initiate biofilm formation.

Biofilms are communities of microorganisms that adhere to surfaces and are enclosed in a

self-produced matrix of extracellular polymeric substances. Biofilms are of major importance

in health. Due to their matrix and strong adhesion to surfaces, they grow on medical devices,

are difficult to remove and better resist antibiotic treatment, leading to chronic infections, a
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major challenge in modern medicine134–136. Commensal biofilms are also present in healthy

subjects, for example, in the gut, on the skin, and on the teeth135. Biofilms also play crucial

roles in various ecosystems. In the soil, they contribute to the biodegradation of compounds

and to soil fertility, and are an important part of marine ecosystems135,137.

The architecture of biofilms and how it is built is a major area of interest within a wide

range of fields. Biofilms can be formed by a single species of microorganisms (monospecies

biofilm) or multiple ones (multispecies biofilm). The majority of in vitro studies have focused

on monospecies biofilms given their reduced complexity. Even in these less complex monospecies

biofilms, there is a physiological heterogeneity among the cells in the biofilm depending on their

spatial localization138–141. When cells form a biofilm, they have to change their lifestyle from

swimming (planktonic) to attached (sessile)142. In E. coli, there is an inverse regulatory coor-

dination between motility (expression and action of flagella) and biofilm formation (expression

of curli)142,143, mediated by the second messenger c-di-GMP among other factors. In swimming

bacteria, levels of c-di-GMP can lower in response to different cues, such as swimming close to

a surface. This activates the protein YcgR, which then acts as a brake on the flagellar motor

by directly binding to the proteins MotA and FliG144. Once the cell has stopped swimming, it

attaches to the surface with the flagella and/or type I fimbriae144, and to other neighbouring

cells with adhesins such as Ag43. Once attached, the bacteria undergo several phenotypic and

metabolic changes in the transition to a mature biofilm. One of these changes is the production

of an extracellular matrix (ECM), which confers protection. The major components of the

ECM are the curli fibers.

They are amyloid fibers composed by the proteins CsgA and CsgB145. The curli fibers accu-

mulate between the cells, where they form a dense and cohesive network that is non-elastic139,141.

The regulation of the production of curli is complex and much remains to be determined, but

it is known to be influenced by temperature, oxygen concentration and nutrient availability,

among other factors, and to be associated with the early stationary growth phase. Of these fac-

tors, temperature is particularly important. Curli production is typically upregulated at lower

temperatures (below 30°C) and downregulated at higher temperatures (above 30°C). Within

the biofilm, the production of curli is also spatially regulated. In agar-grown E. coli biofilms,

only the upper layer of cells produce curli, given that these are the ones further away from the

nutrients and therefore in stationary phase139,141,146. Interestingly, flagella also act as a mesh-

ing element in the regions of biofilms where curli are not expressed139,140, as their expression is

mutually exclusive143 (Fig. 1.5a).

However, in natural habitats, biofilms are often composed of multiple species with complex
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Figure 1.5: Spatial structuring in biofilms. a) Confocal 3D maximum projection images of the indicated
cells (∆csgA does not produce curli fibers and ∆fliC does not have flagella) forming static biofilms grown
at 30°C for 24 h. The scale bar represents 40 µm. Adapted from Besharova et al. (2016)143. b) Spatial
organization and diversity of a multispecies bacterial biofilm adhered to a tongue epithelial cell (grey center).
Each bacterial species is labelled with a different colour with the method Multiplexed FISH. Adapted from
Wilbert et al. (2020)147. c) Schematic representation of the multispecies biofilm formed by E. coli (motile) and
E. faecalis (non-motile), where E. faecalis recruits E. coli via chemotactic signals. Adapted from Laganenka et
al. (2018)104.
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spatial structuring (Fig. 1.5b). Several factors can shape this structuring, such as social and

physical interactions between the cells, or external factors like nutrient availability. Starting

with the external factors, oxygen availability is one of the main drivers of the differential spatial

distribution of species within a community. At the surface of the biofilm, oxygen reaches the

cells, allowing for aerobic species to grow. Oxygen penetrates the first layers of the biofilm

but does not reach the deeper ones, and this is where anaerobic species grow147,148 (Fig. 1.5b).

Other external factors that affect the community structure are the physical properties of the

media, such as its viscosity and complexity149–151, and the presence of external flows152,153.

With regard to the internal factors that can influence the spatial organization of a biofilm,

the interactions between the cells within the community are of particular significance. Mi-

croorganisms can exhibit social behaviours that affect the biofilm’s spatial structure. Such

interactions include competition for space and nutrients, which can result in mutual spatial ex-

clusion, as well as cooperation, whereby the microorganisms exchange metabolites and therefore

co-grow136,137,154–161.

Though less well-investigated, physical interactions between bacteria are also known to

strongly affect population organization149,153,162–164. In particular, active motility is a key player

in the organization of bacterial communities12,158, as non-motile cells form smaller biofilms com-

pared to those formed when the cells are motile139,143,165–169. Interestingly, when non-motile cells

are grown together with motile cells, they form spatially structured biofilms170, the non-motile

cells can use the motility of the motile cells to hitchhike171, or recruit them via chemotaxis to

form biofilms104 (Fig. 1.5c). Additionally, chemotaxis has also been reported to influence the

formation of distinctive patterns in bacterial communities10,68,172.

All these examples highlight the importance of physical interactions, especially those arising

from motility, in the formation of biofilms and in their spatial distribution.
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1.4 Aims of the thesis

It is well established that the spatial organization of bacterial communities is crucial for their

function, ecology and evolution. The role of biochemical interactions within the community

and how they shape its organization have been extensively studied. However, the impact of

physical interactions on the spatial organization of these communities is less well-understood,

even though motility is known to be an important physical factor in bacterial populations.

In contrast, physical interactions, and in particular motility, have been extensively studied in

colloidal sciences, and are known to be the drivers of special spatial structuring, as demonstrated

by simulations, theoretical work, and experiments with colloids.

The primary aim of this thesis is to fill this gap and investigate the physical effects of motility

on the spatial organization of complex communities. To this end, we employ a model system

consisting of a binary mixture of motile and non-motile Escherichia coli bacteria, and investi-

gate whether the activity of motile cells affects the spatial organization of these mixtures and

what physical mechanism(s) govern the possible effects. Moreover, we also aim to investigate

whether there are physiological consequences of these interactions, more specifically, asking if

the aggregation and biofilm formation of these mixtures are in any way affected by the activity

of motile cells.

In summary, we aim to answer the following questions:

� Chapter 2: What are the roles of physical interactions in structuring bacterial binary

mixtures? Specifically,

– Does the activity of motile bacteria affect the spatial organization of mixtures?

– What are the mechanisms behind the formation of fluctuating density patterns in

non-motile bacteria induced by motile bacteria?

� Chapter 3: What are the physiological consequences of these physical interactions and

pattern formations on the spatial organization of complex microbial communities? Specif-

ically;

– How do motile cells affect the aggregation of non-motile bacteria?

– What is the effect of the presence of motile cells on the growth and structure of

biofilms?



Chapter 2

Emergence of density fluctuations in

bacterial binary mixtures

2.1 Characterization of the phenomenon

We focus on the physical effects of motility in a phenotypically diverse bacterial population.

To reduce the complexity compared to natural microbial communities, we adopted a minimal

model system, a binary mixture of two phenotypes, a motile and a non-motile strain of the

bacterium E. coli.

To focus on purely physical interactions, we chose non-adhesive strains (knockout of the

adhesin Ag43) that are genetically identical, except for the knockout of the flagellar filament

gene fliC in the non-motile one and their tagging with different fluorescent markers. Although

minimal, our system is directly biologically relevant, because many bacterial communities fea-

ture a mix of motile and non-motile subpopulations, which can even spontaneously emerge in

clonal populations of many commensal and pathogenic bacteria12,173,174. Strains are first grown

separately and then mixed in various proportions in a no-growth medium and observed under

the microscope in a microfabricated chamber (Fig. 2.1a; see Methods section 5.2.1).

Across a wide range of densities of both components of the binary mixture, we observed large

spatial fluctuations in the density of the non-motile cells in the presence of motile cells (Fig.

2.1b). After a freshly stirred mixture is loaded into the chamber, it takes 15 − 30 minutes for

the patterns to fully develop; see Supplementary Movie 1 (Fig. 2.18). In the resulting steady

state, the density patterns are dynamic, showing patches of abnormally high and low densities

of non-motile cells that reorganize in a matter of minutes; see Supplementary Movie 2 (Fig.

2.18). Interestingly, the spatial distribution of the motile cells always remains homogeneous

(Fig. 2.1c), and their swimming speed remains unchanged. The swimming activity is, however,

17
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necessary for the non-motile density patterns to form, since the passive control system, where

two differentially tagged non-motile strains are mixed in the same proportions, is homogeneous

(Fig. 2.1d).
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Figure 2.1: Non-equilibrium density patterns in bacterial binary mixtures. a) Scheme of the binary
mixture experiment, featuring differently tagged motile and non-motile E. coli strains mixed in various pro-
portions after separate growth. b-d) Microscopy images measured 8 µm above the bottom of the 50 µm high
experimental chamber with close-up of highlighted region shown below (16× magnification). b) Non-motile
mNeonGreen-tagged E. coli strain in a bacterial mixtures with a motile E. coli strain (motile cells volume
fraction ϕM = 0.18%, non-motile ϕNM = 5.3%). c) Motile mCherry-tagged E. coli strain in the same mixture
as (b). d) Passive control where two differently-tagged non-motile strains of E. coli were mixed at the same
volume fractions in the same conditions.

To get a clear picture of the density patterns, we characterized their structure with different

methods. Firstly, we calculated the spatial autocorrelation function of the fluorescence intensity

for the non-motile cells (Methods section 5.3.1). The autocorrelation function describes two

decays; the first decay (short-scale decay) is due to the cell shape (∼ 2 µm cell length) and

the second decay (large-scale decay) is due to the density patterns. When there are no density
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Figure 2.2: Characterization of the static state of the non-equilibrium density patterns in bacterial
binary mixtures. a) Spatial autocorrelation function of the fluorescence intensity for the non-motile cells in
the binary mixture ϕNM = 5.3%, ϕM = 0.18% (motile strain in the mixture and non-motile in the control),
featuring a short scale decay around 1 µm, corresponding to the cell size, and a second non-exponential decay
at ∼ 10-50 µm length scales in heterogeneous samples. b-d) Phase diagrams of the density heterogeneities of
the (b, c) non-motile or (d) motile strain in mixture with (b, d) a motile strain or (c) another non-motile strain
as a passive control, as a function of the volume fraction (in %) of each strain. The color scale represents the
heterogeneity level. e) Heterogeneity level of the motile or non-motile strain (as indicated) as a function of
the volume fraction of the motile strain, or of the second non-motile strain in the case of the non-motile-only
control. The volume fraction of the probed strain is kept constant at 5.3%. f) Comparison of the heterogeneity
level as a function of the density of motile cells, for a fixed non-motile cell density ϕNM = 5.3%, obtained when
the non-motile cells are marked with either the mNeonGreen or the mCherry marker as indicated, the motile
cells being marked with the other one. (b-f) Each point represents the geometric mean of three independent
replicates and (e,f) error bars indicate the standard deviation.

fluctuations in the sample, we only observe the first decay in the autocorrelation function

(control), whereas the second decay is visible when there are density fluctuations in the sample

(mixture) (Fig. 2.2a). This means that, in the presence of motile cells, the non-motile cell

density shows non-exponentially decaying spatial correlations over typical sizes of 10 − 50 µm,

which is indicative of giant number fluctuations42.

As a second measure, we quantified the magnitude of the phenomenon via the spatial variance

of the cell density, coarse-grained on the typical pattern size (Methods section 5.3.1). From

now on, we will refer to this quantification as the heterogeneity level. To get an insight into the

dynamics of the process, we measured the heterogeneity level of the mixtures as soon as they

were loaded into the microfluidic channels. The heterogeneity level increases slightly faster at
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Figure 2.3: Dynamics of emergence of the density fluctuations. The heterogeneity level of the non-motile
strain of the mixture is shown as a function of the time since the mixture was loaded in the channel of the
microfluidic chip, for different combinations of volume fractions of motile and non-motile cells. Displayed is the
geometric mean of three independent replicates and error bars represent the standard deviation.

higher motile cell density, but always reaches steady state within t ∼ 30 min (Fig. 2.3). We

then studied more in-depth the steady state of the system (i.e., t ≃ 1 h) by constructing a full

phase diagram of the heterogeneity level as a function of the volume fractions of motile (ϕM )

and non-motile (ϕNM ) cells in the mixtures and passive controls (Fig. 2.2b-d). A heterogeneity

level above that of the passive control is observed only for non-motile cells, and only when they

are in a majority (ϕNM > ϕM ). It reaches a maximum for ϕNM ≃ 5 % and ϕM ≃ 0.2 %. This

is far below the onset of swirling collective motion (ϕM ≥ 1 %)22,24,56, where the heterogeneity

level of the non-motile strain actually starts decreasing. Reversing the tags gave identical results

(Fig. 2.2f).

The results in this section indicate that the motile cells drive the emergence of out-of-

equilibrium density patterns for the non-motile cells, without being themselves affected in any

obvious way. This is in strong contrast to the behavior in simulated MIPS-like phase separation

of passive – active mixtures43,44,81,83,86–88,90, suggesting that a different pattern formation mech-

anism is at play. The next sections, therefore, move on to investigate more deeply the effect of

the behavior of the motile cells and how the non-motile cells are specifically being affected to

form these patterns.
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2.2 Effects of motile cells

This section seeks to understand what in the swimming behaviour of the motile cells leads

to a perturbation of the density of non-motile cells. This will be investigated by modulating

the swimming behaviour of the motile cells in the mixtures in different ways.

2.2.1 Effect of chemotaxis

Chemotaxis is well known to drive the formation of some bacterial density patterns10,65–68,104,171.

We therefore studied whether the density patterns observed in our system were related to the

chemotactic ability of the motile strain in the mixture. To this end, we knocked out the gene

cheY in the motile strain, which encodes the protein that carries chemosensory signals through

the cell and modulates the tumbling rate. Cells lacking this gene will therefore be non-tumbling

and in turn non-chemotactic. To our surprise, when mixed with this ∆cheY motile strain, the

density heterogeneities of the non-motile strain were found to be stronger and to appear on a

wider range of cell densities (Fig. 2.4a,b) than when the motile strain is wild-type (WT) for

chemotaxis (Fig. 2.2b). The disparity in cell density is so pronounced that there are areas

where the cell density is very high, and in other areas, there are no cells at all, which from

now on we will refer to as depletion zones or ‘holes’ (Fig. 2.4a,d; see Supplementary Movie

3 (Fig. 2.18)). This can also be seen in the more pronounced second decay in the spatial

autocorrelation function (Fig. 2.4e).

To disentangle the effect of chemotactic sensing and tumbling, we used the cheY ** mu-

tant strain. In this strain, a double point mutation in CheY allows for interactions with the

motor and therefore tumbles, but prevents interactions with CheA and hence the propagation

of chemotactic signals. Therefore, the strain cheY ** is non-chemotactic but it can still tum-

ble. When we substitute the motile strain with cheY **, we find that the heterogeneity level

is similar to the WT strain across the whole phase diagram (Fig. 2.4c). It is therefore not

chemotaxis per se, but rather the ability to tumble that controls the heterogeneity level. More-

over, almost identical density patterns were observed when substituting the non-motile strain

with fluorescently-labeled passive colloids of similar size (Fig. 2.4f,g). These results strongly

indicate that pattern formation results from purely physical interactions, which are modulated

by tumbling.



CHAPTER 2. EMERGENCE OF DENSITY FLUCTUATIONS IN BACTERIAL BINARY MIXTURES 22

� �� � � �� �
� �� �

� ��

�

� � � �� � � � � � � � � �� �� � � ��� � ���� 


��
��

��

�

��
��

	�
��

��
��

��
��

��
��

��
��

��

�

�

�

�

�

�
�
•

��
��

��
��

��
�

���
�


� � � �� • � • ��� 
 �� � � ��� � ���� 


� �� � � �� �
� �� �

� ��

�

� � � � � �
� � � �� � � ��� �•� � � � �� • � • ��� 
 �� � � ���

�
�

�
�

� �

� �� � � �� �

�

� �

��
��

��

�

��
��

	�
��

�•
��

��
•�

��

�

��

  � � � �� �• � �• � � �� � � � � �� � ��� 


  � � ��� ­ � � � �• �

�™� � � � �™� ��

�™� � � � ­     €

�™� ��‚ ƒ

� �

� �

­     € �• � � � �� �� � � �� �� �„ � • � � �… �� � �
� � � �� • � • ��� 
 �� � � ��� �� � ���

�™� �� �™� ��

� � � � � � � � �

�

� ��

� ��

� ��

� �•

�

†
��

��
��

��
��

��
�û

‡
��

ˆ��û

‡
��




‰ �� � � � � � ����� � 


�™� ��

‚ ƒ

�™� � � �

� �

  � � ��� �� � � � ��

20µm

50µm

Figure 2.4: Effect of the chemotactic ability of the motile strain on the density fluctuations of the
non-motile strain. a) Microscopy image with zoomed-in subsets (16× magnification) of E. coli mixtures of
a motile non-tumbling strain (∆cheY mCherry, ϕM = 0.18%) and a non-motile strain (mNeonGreen, ϕNM =
5.3%), at 8 µm above the bottom of the chamber, featuring heterogeneous patterns of non-motile cell density.
b-c) Phase diagrams of the density fluctuations in mixtures of a non-motile strain (volume fraction in ordinate)
with a b) non-tumbling and non-chemotactic motile strain (∆cheY ) or a c) non-chemotactic motile strain
(cheY **). The color scale representing the heterogeneity level is the same as that in Fig. 2.2. Each point
represents the geometric mean of three replicates. d) Orthogonal views of a confocal image of a hole of the
binary mixture in (a). e) Spatial autocorrelation function of the fluorescence intensity for the non-motile cells
in the binary mixture ϕNM = 5.3%, ϕM = 0.18%, featuring a short scale decay around 1 µm, corresponding
to the cell size, and a second non-exponential decay at ∼ 10-50 µm length scales in heterogeneous samples.
f-g) Mixtures of motile cells with passive colloidal particles. f) Heterogeneity level of the passive particles
(1.33 µm-diameter PMMA particles or ∆fliC bacteria) in mixture with a motile strain (or a differently tagged
non-motile ∆fliC strain for the fully passive control), as indicated, as a function of the volume fraction of
the latter. The volume fractions of the passive non-motile strain and colloidal particles are 1.8 % and 2 %,
respectively. Each point represents the geometric mean of at least two independent replicates and error bars
indicate the standard deviation. g) Microscopy image of FluoGreen-tagged PMMA passive particles (volume
fraction ϕNM = 2%) in mixture with a motile E. coli strain (ϕM = 0.18%), acquired 4 µm above the bottom of
the 50 µm high experimental chamber. The acquisition height is lower than with bacteria because the PMMA
particles are slightly denser than cells.
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2.2.2 Effect of tumbling

Before studying the effect of tumbles in our system, we first need to understand their im-

plications. Tumbling is known to strongly affect swimming behavior close to surfaces. It not

only helps escape entrapment at surfaces27,29,35, but it also perturbs the patterns of swimming

in circles at the surface25,38 (Introduction section 1.2.1). First, we checked whether our cells

localize close to surfaces by studying the cell density profile in the vertical plane (Methods

section 5.4.1), and indeed, both WT and ∆cheY motile cells primarily localize close to the top

and bottom surfaces, this localization being only moderately enhanced in the ∆cheY case (Fig.

2.5a). Secondly, we tracked and reconstructed the swimming trajectories close to the surface

(Methods section 5.5.3); the ∆cheY strain describes smooth and persistent circular trajecto-

ries, whereas in the WT strain the trajectories get perturbed by the tumbles (Fig. 2.5b), as

expected.

Direct comparison of the density fluctuations of the non-motile strain when mixed with

either the WT or the ∆cheY strain clearly revealed that the tumbles lead to a drop in the

heterogeneity level (Fig. 2.5c), as mentioned above.

To study whether the effect of the tumbles on the density fluctuations is structural or

energetic, we used a strain that only tumbles, ∆cheZ, for which flagella rotate only clockwise,

causing constant tumbling and almost Brownian-like motion (Fig. 2.5b), while still exerting

energy into the fluid. The heterogeneity level of the non-motile strain of the mixture drops to

almost control levels for all tumbling-only volume fractions (Fig. 2.5c). This indicates that the

effect of the tumbles is structural, and that perturbing the persistent circular swimming might

be the root cause of the effect.

In fact, when the motile cells in the mixture do not tumble, the local density extrema of the

non-motile strain are much more accentuated, with numerous depletion zones forming next to

very dense patches and spanning the whole height of the channel (Fig. 2.4a, d). Is it possible

that these depletion zones, or holes, are the direct result of the circular swimming trajectories?

To answer this question, we quantified the radius of the circular trajectories by cell tracking

(Methods section 5.5.3). The WT and non-tumbling strains showed almost identical, very broad

distributions of radii of curvature R of their circular trajectories (Fig. 2.5d). This broadness

is not unexpected since R depends strongly on the variable distance between the cell and the

surface25,36. However, the circles persist in place much longer in the ∆cheY strain, where only

diffusion perturbs them, than in the WT strain, where tumbles cause reorientations (Fig. 2.5b).

The distribution of circle persistence times (the time τ needed for a cell to ”break the circle”,

i.e., to translate by δr(τ) ≥ 3R) is indeed strongly upshifted for the ∆cheY strain, where a
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large fraction of cells stay in the 3R vicinity for the whole duration (40 s) of the cell tracking

movie (Fig. 2.5e).

These results indicate that persistent swimming in circles at the surface of the motile cells

is a key driver of the emergence of the non-motile cell density patterns.
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Figure 2.5: Implications and effects of tumbling. a) Motile cell fraction (abscissa), measured by cell
counting in confocal microscopy, as a function of the vertical position in a channel of 50 µm of height (ordinate),
in the binary mixtures with ϕNM = 5.3% and ϕM = 0.18%, with the ∆cheY and WT motile strains. Each
point represents the mean and shading indicates the standard deviation over three replicates. b) Trajectories
of the different strains used as the motile strain in the binary mixtures, which were tracked at the bottom of
the experimental chamber. c) Heterogeneity levels of the non-motile cells in a binary mixture with indicated
motile strains, as a function of their volume fraction. The volume fraction of the non-motile strain is kept
constant (ϕNM = 5.3%). Each point represents the geometric mean of three replicates. Error bars indicate the
standard deviation. d) Probability density distribution of the radii of curvature of individual circular swimming
trajectories of WT and ∆cheY motile cells. The radii are weighted by the trajectory length. Lines represent
kernel density estimates. e) Scatter plot of the persistence time τ of the same trajectories as (d), as a function
of the radius of curvature of the trajectory, and probability density distribution of τ (right side). (d-e) The
dataset comprises 4137 (∆cheY ) and 4475 (WT) individual swimming trajectories in 8 biological replicates.

2.2.3 Effect of the circular trajectories: cell size

In this section, our objective is to explore the potential connection between circular swim-

ming trajectories and density fluctuations. To this end, we modified the circular trajectories

and studied the effect of this modification. As explained in the Introduction (section 1.2.1), the
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radius of the circular trajectories is set, among other factors, by the distance of the cell to the

surface and by the cell size. Thus, to manipulate the curvature of the circular trajectories, we

altered the cell size using antibiotics to elongate the cells. Firstly, however, we evaluate which

antibiotic to use, with a particular focus on potential side-effects on motility.

There are two families of cell-elongating antibiotics: Quinolones and Cephalosporins. Quinolones

(such as nalidixic and pipemidic acid) inhibit DNA biosynthesis by targeting DNA gyrases and

topoisomerases IV. Cephalosporins (such as cephalexin and cefuroxime) inhibit bacterial cell

wall synthesis by binding to penicillin-binding proteins. Both antibiotic groups can affect motil-

ity; Quinolones affect DNA supercoiling, which has been reported to affect the expression of

flagellar genes in turn175,176. Cephalosporins could affect cellular respiration rates and this could

potentially affect membrane potential and therefore the flagellar motor177,178. Therefore, first

of all we checked the swimming speed after treatment with four different antibiotics, two of each

group (pipemidic acid (PPD), nalidixic acid (NDX), cephalexin (CPX), and cefuroxim (CFX))

(Fig. 2.6a). It is worth noting that the swimming speed data must be interpreted with caution.

DDM analysis is meant to be used with approximately spherical particles (Methods section

5.5.2). Elongated bacteria might affect the DDM analysis at high frequences (qs). Therefore,

only the velocities at lower qs are considered for the analysis. Nevertheless, the validity of the

data was confirmed with Particle tracking. From each group of antibiotics, we selected the ones

with the least effect on the swimming speed; nalidixic acid and cephalexin. We then checked

the bacterial cell length and the radius of the swimming trajectories after treatment with these

two antibiotics (Methods section 5.2.2 and 5.5.3, Fig. 2.6b,c). Nalidixic acid does not have a

strong effect on either the cell length or the curvature of the swimming trajectories. As for

cephalexin, cells double their size, the median radius of curvature of the swimming trajectories

that they describe approximately triples and their swimming speed decreases by approximately

10%. This decrease could affect the influence the motile cells have on the non-motile cells. In an

attempt to compensate for this, we used a strain that swims faster than the WT strain, given

that the gene that encodes for the flagellar break is knocked out, ∆ycgR5. Despite following

the same procedure as before (Methods section 5.2.2), the ∆ycgR cells do not double their

length but their swimming velocity is much more affected (23%). Consistent with the effect on

cell length, the radius of curvature of the swimming trajectories is not strongly increased either

(Fig. 2.6d-f). We therefore proceed by using the strains WT and ∆cheY as the motile strains

and cephalexin as the antibiotic for cell elongation.

The radii of curvature of elongated cell trajectories increase on average, as expected from

theory25, but their distribution remains broad, likely due to variations in distance from the
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Figure 2.6: Choosing the elongation treatment. a) Swimming speed of the motile cells WT and ∆cheY
after the different treatments (PPD: pipemidic acid, NDX: nalidixic acid, CPX: cephalexin, CFX: cefuroxim),
measured with DDM. The error bars represent the standard deviation. (b-c) Median (b) bacterial cell length
and (c) trajectory radius described by the motile cells (WT: run and tumble, ∆cheY : non-tumbling), with the
indicated treatments, swimming close to the surface. The error bars represent the median absolute deviation.
d-e) Median cell (d) length and (e) velocity of the untreated and elongated (with CPX) ∆ycgR cells. The
error bars represent the median absolute deviation. f) Probability density distribution and median of the radii
of curvature of individual circular swimming trajectories of the untreated and elongated (with CPX) ∆ycgR
cells. The radii are weighted by the trajectory length. Lines represent kernel density estimates. The error
bars represent the median absolute deviation. d-f) Data comprise 647 (No drug) and 873 (CPX) individual
swimming trajectories from 4 biological replicates. b-f) Results from particle tracking of the cells close to the
bottom surface.

surface (Fig. 2.7a). The typical circle persistence time was mostly unchanged (∆cheY ) or only

increased slightly (WT), as did the heterogeneity level of the non-motile cells, when compared

to the mixtures with normal-sized swimmers at equal volume fractions (Fig. 2.7b-d). This

result is somewhat unexpected because the number density of elongated motile cells is then

twice as small, but it likely stems from elongated cells having a larger hydrodynamic dipole

strength, among other factors we will discuss further on.

We then studied whether the structure of the density fluctuations changes when the motile

cells are elongated by characterizing the energy spectrum of the density, E(q), which represents

the contribution of each wavenumber to the kinetic energy of the system. Larger holes will have

lower wavenumber q (Methods section 5.3.1). As shown in Fig. 2.7e, all the samples show a
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peak of the curve at the same wavenumber, meaning that neither the cell size nor the cell type

affect the structure of the density fluctuations. What seems to change from strain to strain is

the energy magnitude and thus the amplitude of the density fluctuations, as already seen (Fig.

2.5c, Fig. 2.7d).
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Figure 2.7: Effect of motile cell elongation. a) Probability density distribution of the radii of curvature
of individual circular swimming trajectories of untreated and elongated WT and ∆cheY motile cells. The
radii are weighted by the trajectory length. Lines represent kernel density estimates. b) Scatter plot of the
persistence time τ of individual circular swimming trajectories of elongated WT and ∆cheY motile cells as
a function of the radius of curvature of the trajectory, and probability density distribution of τ (right side).
a-b) Data comprise 1828 (WT elongated), 1799 (∆cheY elongated), 4475 (WT untreated) and 4137 (∆cheY
untreated) individual swimming trajectories from 4 (elongated data) or 8 (untreated data) biological replicates.
c) Swimming trajectories of untreated and elongated cells, both the run and tumble strain (WT) and the
non-tumbling strain (∆cheY ). d) Comparison between the heterogeneity level of the elongated and untreated
cells in both strains (WT and ∆cheY ). The volume fraction of the non-motile strain is kept fixed to 5.3% and
the volume fraction of the motile strain is systematically varied. Each point represents the geometric mean of
three independent replicates and error bars indicate the standard deviation. e) Structure factor E(q) of the
non-motile strain in the binary mixture ϕNM = 5.3%, ϕM = 0.18% with the indicated motile strains.

These results show that it is challenging to make specific changes to bacterial motility without

affecting a broader network of factors. Nevertheless, the results in this section indicate that the

persistence of circular swimming at surfaces controls the level of density heterogeneities. The

next section moves on to study further the resultant effects on the non-motile cells.
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2.3 Effect on the non-motile cells

We hypothesized that motile cells swimming in circles at the surface reorganize the non-

motile cells into heterogeneous patterns. We thus studied non-motile cell dynamics in the

mixtures at steady state; see Supplementary Movies 2 and 3. The non-motile cells show collec-

tive movements with many converging and diverging convective flows. The movements are more

pronounced when motile cells do not tumble, with cell depletion zones (holes) intermittently

opening and closing on a minute time scale. In this section, we studied both the horizontal and

the vertical motion of the non-motile cells.

2.3.1 Effect on their horizontal distribution

We quantified the horizontal non-motile cell motion by Particle Image Velocimetry (PIV),

measuring their velocities over a 2 s time scale (Method section 5.3.2, Fig. 2.8a,b). Even

at volume fractions of motile cells far below the emergence of bacterial turbulence, the ve-

locity fields revealed large spatial correlations in the motion of non-motile cells (Fig. 2.8a).

We quantified them via the normalized spatial power spectral density of the velocity field,

E(q) = q|ṽ(q)|2/⟨v2⟩, which depends on the spatial wavenumber q and represents the frac-

tion of the kinetic energy (⟨v2⟩) in flow structures of typical size π/q 24,54. In the presence of

motile cells, E(q) shows a pronounced peak, the hallmark of spatial correlation, at a wavelength

π/q = 50 µm, corresponding to the height of the channel (Fig. 2.8b). This value indicates that

hydrodynamic interactions drive these collective non-motile cell movements, similar to previous

results for bacterial turbulence of swimmer-only systems24. Motile cells thus generate inter-

mittently structured flow fields that are able to stir the non-motile ones. Moreover, there are

differences in the temporal correlation of the velocity field of both strains, i.e., the relationship

between velocities at different time points, used to understand the dynamics of the fluid by cap-

turing variations and fluctuations in its velocity over time. The temporal correlations decayed

fairly rapidly in the tumbling motile case (WT), whereas long-term (5 − 40 s) correlations are

clearly visible in the non-tumbling ∆cheY one (Fig. 2.8c). This is coherent with the longer

persistence of circular swimming in the latter case (Fig. 2.5e), and corresponds to a higher

level of heterogeneity. However, the strength of the collective flows, measured by the peak of

E(q) in Fig. 2.8b, does not well predict the heterogeneity level (Fig. 2.8d). The instantaneous

kinetic energy (⟨v2⟩), which is a measure of the total energy the non-motile cells have in their

motion, increases with increasing volume fraction of motile cells, but does not depend on the

strain (Fig. 2.8e), meaning that the motile cells put energy into the fluid to the same extent
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regardless of their ability to tumble. It is therefore not the amount of energy that changes

between the motile strains but rather the structure of the flows they create.
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Figure 2.8: Horizontal dynamics of the non-motile cells within the density patterns. a) Instantaneous
velocity field of the non-motile strain at ϕNM = 5.3% in mixture with the motile strain ∆cheY at ϕM = 0.53%,
in motility buffer (buoyancy ∆ρg = 1). b) Flow structure factor E(q) of the flow field of the non-motile strain
mixed with the indicated motile strains. c) Temporal autocorrelation of the non-motile cell velocity Cv(t; q)
as a function of the lag time t, for the Fourier component of the velocity v(q, t) that correspond to the peak
of E(q), q = 0.06 µm−1, in the indicated conditions. The non-motile cells’ velocity shows long-time (t > 5 s)
positive correlations only in the presence of ∆cheY motile cells. The velocity is measured on a shorter (0.2
s) time window than (a,b) (2 s) to increase temporal resolution. b,c) The non-motile cell density is ϕNM =
5.3%. d) The heterogeneity level of the non-motile strain in mixture with two different motile strains, WT and
∆cheY , as a function of the peak of the flow structure factor E(q) (b) that quantifies the amplitude of the flow
patterns. The volume fraction of the non-motile strain is constant, ϕNM = 5.3%, and the one of the motile
strain increases with E(q). e) Kinetic energy ⟨v2⟩ of the non-motile strain as a function of the motile volume
fraction ϕM for mixtures with different motile strains (WT and ∆cheY ). b-e) Each point represents the mean
(E(q), ⟨v2⟩) or the geometric mean (heterogeneity level) over two biological replicates. Error bars indicate the
standard deviation.

These results taken together reinforce the idea that the persistence of the motile swimming

patterns and hence of the flows they induce controls the level of heterogeneity of the density

patterns.
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2.3.2 Effect on their vertical distribution

We next considered the vertical distribution of the non-motile cells in the mixtures (Methods

section 5.4.1). Non-motile cells assume a bottom-heavy Boltzmann distribution that balances

sedimentation and diffusion (Fig. 2.9a-c), and that is identical whether they are mixed with

WT or ∆cheY motile cells (Fig. 2.9a). The diffusion of the non-motile cells is enhanced as

the volume fraction of motile cells increases (Fig. 2.9d,e), as previously observed69,70,77 (Intro

section 1.2.2), and the vertical distribution of non-motile cells, therefore, homogenizes in the

presence of an increasing density of motile cells. This is especially true when the volume fraction

of non-motile cells is lower (Fig. 2.9b,c), corresponding to a reduced heterogeneity (Fig. 2.2b).
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Figure 2.9: Effect of the motile cells on the diffusion and vertical distribution of the non-motile
cells. a-c) Non-motile cell fraction, measured by cell counting in confocal microscopy, as a function of the
vertical position in a channel of 50 µm of height, for varying (a) motile cells strains and volume fractions of the
motile strain (WT) in the mixture, in the cases of a low (b) or a high (c) total volume fraction of non-motile
cells. d,e) Diffusion of the non-motile cells measured using DDM. (d) Diffusion coefficient of the non-motile
cells in the absence of motile cells (control) as a function of the total volume fraction of cells in the population.
The straight line is a linear fit. (e) Inverse of the diffusion coefficient of the non-motile cells (normalized by its
value in the non-motile only case at the same density) as a function of the volume fraction of run and tumble
(WT) motile cells in the mixtures. The decrease in diffusion time (increase in diffusion) of the non-motile cells
becomes noticeable for volume fractions of motile cells above 0.03%.

Turning now to the three-dimensional motion of the non-motile cells, we tracked a few

marked non-motile tracers with confocal microscopy in mixtures with unmarked non-motile
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and non-tumbling motile cells. We focused on areas where a cell depletion zone (hole) is visible

with transmitted light (Fig. 2.10a), and quantified the velocity of the tracers as a function of

their vertical position (z) (Fig. 2.10b,c) and as a function of the distance to the center of the

hole (r) (Fig. 2.10d-f).

We can distinguish three different trends of motion depending on the position of the cells

relative to the center of the hole. Close to the hole center (r < 10 µm), the mean vertical

velocity of the tracers is strongly negative (⟨Vz⟩ ≃ −0.3 µm/s) (Fig. 2.10d), indicating strong

downward suction, which is stronger when the cells are higher in the vertical plane (Fig. 2.10c).

When they are close to the hole center, the non-motile cells also move faster away from the

hole center in the horizontal direction (⟨Vr ⟩ > 0, Fig. 2.10b,e) than the expected diffusion flux

(⟨Vr ⟩ = 0). At approximately 20 µm away from the hole center (r ∼ 20 µm), the mean vertical

velocity reaches a maximum (Fig. 2.10d), coinciding with a decrease in their horizontal speed

(|V2D |) (Fig. 2.10f), indicating vertical upward lift. Far from the hole (r > 20 µm), the radial

velocity relative to the hole (⟨Vr ⟩) is zero on average (Fig. 2.10b,e), and the mean vertical

velocity is consistent with the sedimentation speed of the non-motile cells in the suspending

medium (≃ 0.05 µm/s) (Fig. 2.10d). This means that far away from the hole the motion of the

non-motile cells is not being influenced. These population averages reveal an underlying flow

structure: Non-motile cells are dragged down to the center of the hole and then expelled away

from it.

In this section, we have seen that the non-motile cells are advected by fluid flow generated by

the motile cells. However, non-motile cells cannot become heterogeneously distributed simply

by following the streamlines in an incompressible fluid. It is therefore necessary to find what

factor allows for the local accumulation of non-motile cells, which will be the subject of the

next section.

2.3.3 Effect of sedimentation

Searching for a mechanism that overcomes the effect of the motile cells on the non-motile

cells’ density, we noted that the non-motile cells sediment, given that their volumetric mass

density (ρC = 1.1 g cm−3) is higher than that of the aqueous medium (ρW = 1.0 g cm−3). As

we have seen in section 2.3.2, the vertical distribution of the non-motile cells is a bottom-heavy

Boltzmann distribution that balances sedimentation and diffusion (Fig. 2.9a-c). Inspired by

previous works on sedimentation of high-density colloidal suspensions126,128, we investigated

how sedimentation affects the density fluctuations in our system. We matched the volumetric

mass density of the suspending medium (ρM ) to that of the bacteria through the addition of
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Figure 2.10: Three-dimensional motion of the non-motile cells within the density patterns. a)
Example of the three-dimensional tracking of non-motile cells close to a hole, performed in the mixture ϕNM

= 5.3%, ∆cheY ϕM = 0.53%. The white star represents the mean position of the hole center over the whole
recording time, and the colored points represent the XY projection of the 3D trajectories of the tracers (tagged
non-motile cells). b-c) Average (b) radial (⟨Vr⟩) and (c) vertical (⟨Vz⟩) velocity relative to the center of the
depletion zones (hole) of the non-motile tracer cells as a function of their vertical position (z), for cells that
are less (blue), or more (black), than 20 µm away from the hole center (r). d-f) Average (d) vertical velocity

(⟨Vz⟩), (e) radial velocity (⟨Vr⟩) and (f) horizontal speed (|V2D| = ⟨
q

V 2
x + V 2

y ⟩) of the tracers as a function of

their distance r to a hole. (b-f) The velocities were quantified from 1591 total individual 3D trajectories (b,c),
and 639 individual 3D trajectories situated less than 60 µm away from a hole center (d-f). Each data point
represents the binned mean and the vertical error bars represent the standard error of the mean.

iodixanol, an innocuous density matching agent (Methods section 5.2.3, Fig. 2.11a). We define

the normalized buoyancy in the media relative to the one in water as

∆ρg = (ρC − ρM )/(ρC − ρW ). (2.1)

Before moving on to study the effect of neutral buoyancy (∆ρg = 0) on the density fluctuations,

we first checked the effect of iodixanol on both strains in the mixture, the motile and the non-

motile. The swimming speed (Fig. 2.11b) and vertical distribution (Fig. 2.11d) of the motile

cells are not affected by the neutral buoyancy media in a significant way. As for the non-

motile cells, their diffusion decreases (Fig. 2.11c), given that iodixanol also slightly increases

the viscosity of the media, and the diffusion of the cells is directly related to the viscosity of

the media they are in. However, among all the compounds that are metabolically inert in E.
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coli, iodixanol is the one that has the best ratio of increased density versus viscosity, and thus

we decided to proceed with iodixanol given that the increase in viscosity and therefore the

decrease in diffusion is not substantial. Moreover, the vertical distribution of the non-motile

cells becomes homogeneous (Fig. 2.11e), given that in the neutrally buoyant media they do not

sediment.

Having checked that the only thing that is being substantially affected in the neutrally

buoyant media is the vertical distribution of the non-motile cells, we can move on to study the

effect on the density fluctuations.
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Figure 2.11: Effect of Iodixanol and neutral buoyancy. a) Confocal images of the vertical distribution
of non-motile cells at the two extreme buoyancies ∆ρg = 1 (motility buffer) and ∆ρg = 0 (density matched
medium). b) Swimming speed of motile cells (WT and ∆cheY ) and (c) diffusion coefficient of non-motile
cells alone (∆fliC) were measured using DDM in regular motility buffer (∆ρg = 1) and in neutrally buoyant
medium, i.e., motility buffer with 26.6% of Iodixanol (∆ρg = 0). d, e) Vertical localization of the (d) motile
and (e) non-motile cells in the binary mixtures ϕNM = 0.53%, ϕM = 0.18% and ϕNM = 5.3%, ϕM = 0.18% and
in a channel of height 50 µm. The type of motile cells (WT or ∆cheY ) and the suspending medium conditions
(∆ρg = 1 or 0) are as indicated. The cell count, measured from confocal microscopy Z-stacks, was normalized
to the total cell number to obtain the cell fraction, shown as a function of the Z position. (b-e) Each point
represents the mean (b,c) or binned mean (d,e) of three independent replicates, and error bars or areas indicate
the standard deviation.

When the non-motile cells do not sediment, the density fluctuations are completely abolished;

the heterogeneity level falls to control-level for all the spaces of the phase diagram, whether the

motile strain in the mixture is tumbling or not (Fig. 2.12a,b), and the spatial autocorrelation
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function has only the cell-size decay component, as in the control (Fig. 2.12c).

To study this interesting effect further, we focused on one of the most heterogeneous mixtures

in the negatively buoyant media to have a wider range of action (∆ρg = 1, motile ∆cheY with

ϕM ≃ 0.2 % and ϕNM ≃ 5 %). We varied the difference of volumetric mass density between the

cells and the medium, i.e., the sedimentation speed, and therefore the slope of the vertical cell

density profile (Fig. 2.12d). The density heterogeneity increased as a function of this density

mismatch (Fig. 2.12e). If we then fit an exponential decay to the vertical distribution of the

non-motile cells at different buoyancies and extract the decay length of the sedimentation profile

(λsed), we also observe that there is a clear correlation between the sedimentation strength and

the heterogeneity level (Fig. 2.12e).
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Figure 2.12: Sedimentation controls the density heterogeneities. a,b) Phase diagrams of the density
fluctuations of the non-motile strain in mixture with (a) WT and (b) ∆cheY motile strain in density-matched
suspending media (∆ρg = 0). The color scale representing the heterogeneity level is the same as that in Fig. 2.2.
c) Spatial autocorrelation function of the fluorescence intensity for the non-motile cells in the binary mixture
ϕNM = 5.3%, ϕM = 0.18%, featuring a short scale decay around 1 µm, corresponding to the cell size, and a
second non-exponential decay at ∼ 10-50 µm length scales in heterogeneous samples. d,e) Dose-dependence
effect of buoyancy on the sedimentation (d) and the density fluctuations (e) of the most heterogeneous binary
mixture (ϕM = 0.18%, ϕNM = 5.3%, motile strain ∆cheY ). (d) Non-motile cell fraction, measured by cell
counting in confocal microscopy, as a function of the vertical position (z) in a channel of 50 µm height, for
suspensions at different normalized buoyancies (∆ρg). The grey lines are exponential fits of the cell fraction as
a function of z. (e) Density fluctuations of the non-motile strain as a function of the inverse of the exponential
decay length λsed of the normalized buoyancy ∆ρg and of the sedimentation profile. (a-e) Each point represents
the geometric mean of three replicates. Error areas (d) and bars (e) indicate the standard deviation.
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Figure 2.13: Increased local cell density at the bottom of the sample as a control of the effect of
sedimentation on the density fluctuations. a) Effect of increased non-motile volume fraction (ϕNM ) on
the density fluctuations. The heterogeneity of the non-motile strain is plotted against the volume fraction of
the motile strain for two ϕNM ; 5.3 % and 10.7 %, for two sedimentation regimes; ∆ρg = 1 and ∆ρg = 0, and for
two motile strains; WT and ∆cheY . b,c) Effect of vertical confinement in a 20 µm high channel: b) Vertical
distribution of non-motile cells in the binary mixture ϕNM = 5.3 %, ϕM = 0.18 %, with a WT motile strain, for
two channel heights (h = 50 µm and h = 20 µm). c) Phase diagram of the density fluctuations of the non-motile
strain in binary mixtures with WT as the motile strain in channels of 20 µm in height. The heterogeneity level
is represented by the same color scale as Fig. 2.2. Each point represents the (b) binned mean or (a,c) geometric
mean of three biological replicates. Error areas or lines represent the standard deviation.

Before drawing any conclusions, it is important to note that the local density of the non-

motile cells at the bottom surface decreases when they do not sediment (Fig. 2.11e), and that

this lower disponibility might affect the density fluctuations. Accounting for this, we doubled

the total density of the non-motile cells so that the local density at the bottom matched the

one with sedimentation. Even in this case, the heterogeneity level is not restored (Fig. 2.13a),

indicating that it is not a matter of decreased local density. We also confined the mixtures

to a 20 µm high channel, for which the half channel height matches the scale of the vertical

gradient of non-motile cell density (Fig. 2.13b). No density fluctuations were observed in this

case either (Fig. 2.13c), further highlighting the importance of the three-dimensionality of the

system.
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Figure 2.14: Horizontal dynamics of the non-motile cells at neutral buoyancy. a) Flow structure
factor E(q) of the flow field of the non-motile strain mixed with the indicated motile strains. b) Temporal
autocorrelation of the non-motile cell velocity Cv(t; q) as a function of the lag time t, for the Fourier component
of the velocity v(q, t) that correspond to the peak of E(q), q = 0.06 µm−1, with the indicated motile strains. The
non-motile cells’ velocity shows long-time (t > 5 s) positive correlations only in the presence of ∆cheY motile
cells. The velocity is measured on a shorter (0.2 s) time window than (a) (2 s) to increase temporal resolution.
a,b) The non-motile cell density is ϕNM = 5.3% and the mixture is in the neutrally buoyant medium (∆ρg = 0).
c) Kinetic energy ⟨v2⟩ of the non-motile strain as a function of the motile volume fraction ϕM for mixtures with
different motile strains (WT and ∆cheY ). a-c) Each point represents the mean over two biological replicates.
Error bars indicate the standard deviation.

These results strongly indicate that the effect of sedimentation is not merely due to an

increased density of cells near the bottom surface, but that the vertical gradient of cell density

resulting from sinking under gravity is essential for the formation of the density fluctuations.

Further analysis of the dynamics of the non-motile cells in the density-matched medium

revealed that structured flows are also present in the absence of sedimentation. A peak of

E(q) was also observed in the density-matched suspending medium, which appears at the same

length scale and with only a slight lower amplitude then the one in the corresponding negative

buoyancy case. This indicates quasi-identical spatial flow structures whether ∆ρg = 0 or

∆ρg = 1 (Fig. 2.14). Moreover, the same trend is present in the temporal autocorrelation

of the velocity field and in the kinetic energy when ∆ρg = 0 (Fig. 2.14) as when ∆ρg = 1

(Fig. 2.8c,e), indicating that the influence the motile cells have on the fluid is independent

of the buoyancy of the media. However, the total amount of kinetic energy (⟨v2⟩) is lower in

the neutral buoyancy case. This, together with the lower diffusion of non-motile cells in the

neutrally buoyant media (Fig. 2.11c), may indicate that iodixanol interferes with the normal

movement of non-motile cells, although not strong enough to completely abolish the density
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fluctuations.

In summary, the results from this section show that motile cells that swim persistently in

circles near surfaces always generate flows that advect the non-motile cells vertically. Only for

∆ρg ̸= 0, when sedimentation breaks vertical symmetry, can local accumulation and depletion

of non-motile cells produce the density patterns. They then fluctuate over time as the circular

swimmers slowly rearrange their positions.

2.4 Testing the hypothesis

In this section, we aim to establish a direct link between the circular trajectories and the

presence of depletion zones (holes) within the density fluctuations of non-motile bacteria. For

that, we have conducted both experiments and simulations.

2.4.1 Attempting to establish a direct link between circular swimming trajectories

and depletion zones

In an attempt to directly link the circular swimming trajectories with the depletion zones, we

measured both the motile cells’ swimming trajectories and non-motile cells’ density patterns

as simultaneously as possible. The experimental work was carried out by the BSc student

Friedrich Moraht as follows: first, the motile cells were recorded at the bottom surface of the

sample to localize their circular swimming trajectories. Then, three consecutive videos of the

non-motile cells at three different vertical positions were taken to see where the depletion zones

were localized both in the horizontal and the vertical plane. Finally, another recording of the

motile cells was made to assess any disruption or new formation of circular trajectories. This

whole procedure is completed within approximately 3 minutes, which is within the lifetime of

the depletion holes and also within the persistence time of the circular trajectories (Fig. 2.5e).

The motile cells’ recordings were analyzed with particle tracking (Methods section 5.5.3) to

extract their position, radius of curvature and center of the circular trajectory (Fig. 2.15a).

The trajectories from the first to the second recording were considered as being described from

the same cell if they met the criteria described in the Methods section 5.5.3.

As for the non-motile cells, their structural distribution was visualized with an average intensity

map of all the time points of the recording and the three vertical positions to get a quasi-three-

dimensional picture (Fig. 2.15b).

We then try to match the depletion zones from the mean intensity maps to the locations of the

circular trajectories (Fig. 2.15). Although some of the depletion zones were within the circular
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trajectories (Fig. 2.15b), it was not possible to spatially correlate these two phenomena among

all of the recordings. This could be because in this analysis we are only considering single

swimming trajectories, and the density fluctuations might be the result of multiple bacteria’s

effect. Even though the volume fraction of motile cells was relatively low in this experiment, the

accumulation of motile cells at the bottom makes the local density increase (Fig. 2.4a), resulting

in a dense population of circular swimmers giving rise to a crowded network of swimming

trajectories (Fig. 2.15a), even for short periods of time (20 seconds).

� � � �

Figure 2.15: Linking circular trajectories with depletion zones or holes. a) Swimming trajectories of
the motile cells in the first (dark pink) and the second (light pink) recording of 10 seconds each. b) Overlay
of the average intensity map of the non-motile cells over 300 time points and three different vertical positions
(grey) with the filtered motile trajectories from the first (dark pink) and the second (light pink) recording. a,b)
Motile cells volume fraction ϕM = 0.0053%, non-motile ϕNM = 1.8%

In the next section, we thus proceed onto simulations to verify that a population of motile

cells swimming in circles close to the surface can affect the fluid flow and in turn the localization

of the non-motile cells.

2.4.2 Simulations reveal recirculation flows produced by circular swimmers and

reproduce pattern formation

To obtain a clear picture of the average flows induced by bacteria swimming in circles at

surfaces, which had not been studied so far, and to understand how they allow for the emergence

of density patterns, Dr. Remy Colin performed numerical simulations.

We computed the fluid flow generated in three dimensions by swimmers modeled as force

dipoles, using a fast algorithm179,180 for solving Stokes flow between two no-slip walls (Meth-

ods section 5.8). We first considered a single dipole (hydrodynamic radius aS and swimming

speed v0) describing a perfectly circular trajectory at the bottom surface. Averaged over one

revolution, the flow field it induces, v1r (r, z)/aSv0, is axisymmetric around the center of the

circle and features a vertical recirculation, where the fluid is sucked down in the middle of the
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circle to be expelled out and up on its outside (Fig. 2.16a); Supplemental Fig. 2.19a-f). This

recirculation is powered by the net outward flux that the dipole generates perpendicular to its

curved trajectory (Fig. 2.16b, inset). Hence, the recirculation flux is proportional to 1/R (Fig.

2.16b), with R being the recirculation radius (Methods section 5.8, Supplemental Fig. 2.19g-i),

while the mean and maximum fluid speeds respectively scale as 1/R3 and 1/R2 (Fig. 2.16c).

The curvature of the dipole trajectory therefore sets the strength of the recirculation flow.

The simulated flow curves fitted well our experimental measurements close to depletion

zones, for a simulated circle of radius R = 10 µm (Fig. 2.17d,e; Supplemental Fig. 2.19b,d,f).

This matches the typical apparent hole size, when accounting for sedimentation, diffusion away

from the hole center and the 3D distribution of non-motile tracers. The only fit parameter, the

reduced dipole force f0/6πη = aSv0 = 70 µm2/s, is 5 times larger than expected for a single cell

(aS = 0.7 µm and v0 = 20 µm/s for our motile cells). This discrepancy might be explained by

variations of the radius R, on which v1r depends strongly, and/or by several circular swimmers

contributing to various degrees to the formation of the hole, as discussed in Section 2.4.1.

The flow fields of thousands of interlaced circular swimmers might however average out,

leading to no net drive for heterogeneities to emerge. Nonetheless, when we account for the

broad experimental distribution of circle radii (Supplemental Fig. 2.20a), the total average

flow field vtot /(aSv0) generated by even a large population of non-correlated swimmers does

show prominent recirculation patterns (Fig. 2.17a). Indeed, since the typical contribution of a

circle of radius Ri is of order vi; 1r /(aSv0) ∝ 1/R3
i , even for very large numbers of swimmers, the

relatively few smaller circles in the distribution contribute massively to the total mean flow field

and make it spatially heterogeneous (Fig. 2.16c; Supplemental Fig. 2.20b). The flow speed,

using aSv0 = 14 µm2/s, are of order vz ∼ 0.5 − 1 µm/s in the fast areas. It is now compatible

with experiments (Fig. 2.10, Fig. 2.16d,e) and shows that heterogeneities can arise from the

flow field generated by a population of surface swimmers.

We thus computed the trajectories of passive tracers in the mean flow field generated by

fixed configurations of circular swimmers with aSv0 = 14 µm2/s. The tracers experienced

Brownian motion (D = 0.3 µm2/s) and gravity (vsed = 0.05 µm/s) at the level of non-motile

cells for ∆ρg = 1. Density patterns that are similar to the experimental ones on reconstructed

images of non-motile cells form in the same ranges of motile and non-motile density (Fig.

2.17b; Supplemental Fig. 2.20c). The heterogeneity level, which is defined comparably to

experiments (Methods section 5.3.1), increases as a function of the time τ during which the

tracers are exposed to a fixed circle’s configuration, corresponding in experiments to the circle

persistence time (Supplemental Fig. 2.20d). For τ values that are consistent with non-tumbling
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Figure 2.16: Recirculation flows caused by simulated circular swimmers at surfaces. a) Map of the
axisymmetric mean flow field generated by a circularly swimming force dipole. The flow field is computed
between two no-slip walls spaced by H = 40 µm, and the dipole circulates zM = 0.7 µm (about one cell body)
above the bottom wall. Shown are the flow speed normalized to dipole force aSv0 (color), the velocity vectors
(arrows) and streamlines in the (r,z) plane (solid lines), featuring a recirculation around a fixed point close to
the circle radius. b) Normalized recirculation flux, max{r} Φ(r)/aSv0 as a function of the recirculation radius.
The solid line indicates 1/R dependence. (inset) Scheme of the flow field generation. c) Mean and maximum
of the flow speed inside the circle as a function of the position of the fixed point (recirculation radius). Solid
lines indicate power law dependences. d-e) Average (d) vertical velocity (⟨Vz⟩), (e) radial velocity (⟨Vr⟩) of
the tracers as a function of their distance r to a hole, from experimental data (black dots, Fig. 2.10). The
continuous lines are simulated flows generated by circular swimmers (R = 10 µm, aSv0 = 70 µm2/s). The
blue line (d) sums the vertical flow speed from the circular trajectories (VZ,simu.) and the sedimentation speed
(Vsed = 0.05 µm). The yellow line (e) is the radial diffusive speed (VDiff.), while the green line (e) sums VDiff.

and the radial flow speed from the circular trajectories (Vr,simu.)

swimmers experiments (Fig. 2.5e and 2.8b), the dependence of the simulated heterogeneity

level on circular swimmer density agrees quantitatively well with experiments (Fig. 2.17c;

Supplemental Fig. 2.20f). The simulations reproduce the complete loss of heterogeneities

under neutral buoyancy, because non-motile cells start out being homogeneously distributed in

this case and the fluid is incompressible (Fig. 2.17c). Normal and elongated circular swimmers

also elicit equal levels of non-motile heterogeneities (Fig. 2.17c) as in the experiments with the

non-tumbling motile strain (Fig. 2.7). Our simulations therefore recapitulate our experimental

results and provide a mechanism for the emergence of the density patterns in binary mixtures:

Circular swimming trajectories close to surfaces generate a vertical recirculation that disturbs
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the asymmetric distribution of sedimenting non-motile cells.
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Figure 2.17: Recirculation flows lead to heterogeneities of non-motile cells in simulations of cir-
cular swimmers at surfaces. a) Example of mean flow field generated by a population of circular surface
swimming dipoles (density ϕMc = 0.2%, nMc = 5 103 circles, for which experimental heterogeneity is maximal)
for the distribution of circle radii of Fig. 2.5d. Trajectory centers are evenly distributed at both surfaces and

independent from each other. The vertical (vz) and horizontal (|v2D| =
q

v2
x + v2

y) components are shown in

the (x, y) plane, z = 8 µm above the bottom wall. Color scales indicate v/aSv0 in µm−1. b) Reconstructed
microscopy image of negatively buoyant diffusive tracers (vsed = 0.05 µm/s, D = 0.3 µm2/s) that followed the
mean circular swimmers’ flow field for 100 seconds, for the same conditions as (a). c) Heterogeneity level of the
non-motile tracers, computed in simulations as a function of the volume fraction of motile circular swimmers
ϕMc for non-motile cells (NM) with volume fraction ϕNM = 0.4%, for a persistence time τ = 60 s. Control:
Homogeneous distribution; ∆ρg = 1: sedimenting NM; ∆ρg = 0: non-sedimenting NM; Long: elongated motile
cells; Exp: experimental data for non-tumbling motile cells, ∆ρg = 1 and ϕNM = 0.53%. Error bars for
simulated data indicate standard error of the mean over 6 repeats. Experimental data encompass 3 biological
replicates and the error bars indicate the standard deviation.
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2.5 Appendix

Supplementary Movies

Supplementary Movie 1: Time evolution of the formation of the density fluctuation in

a binary mixture of a motile WT strain (mCherry, volume fraction ϕM = 0.53 %) and a non-

motile strain (mNeonGreen, volume fraction ϕNM = 1.8 %). Scale bar: 50 µm. The movie is

200 times accelerated.

Supplementary Movie 2: Dynamics of the non-motile strain (mNeonGreen, volume frac-

tion ϕNM = 5.3 %) in mixture with a motile WT strain (volume fraction ϕM = 0.18 %). Scale

bar: 50 µm. The movie is 60 times accelerated. The field of view is ≃665×665 µm2 large

Supplementary Movie 3: Dynamics of the non-motile strain (mNeonGreen, volume frac-

tion ϕNM = 5.3 %) in mixture with a motile ∆cheY strain (volume fraction ϕM = 0.18 %).

Scale bar: 50 µm. The movie is 60 times accelerated. The field of view is ≃665×665 µm2 large

� � � �� �� � � � �� �� � � � �� ��

Figure 2.18: QR codes for the movies.

Supplementary Figures
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Figure 2.19: Computed flow field created by a circular swimming dipole. for several circle radii R,
situated zM = 0.7 µm above the bottom in a channel of height H = 40 µm. (a-f), Shown are the flow fields
and some streamlines as a function of the horizontal distance to the center of the circle r and the height within
the channel z (a,c,e), and the normalized vertical (vz) and radial (vr) velocities at the indicated heights z0

(b,d,f), for the indicated radii. The normalized velocity v(r, z)/aSv0 is in µm−1. (g), Total back-flux Φ(r)/aSv0

through a cylinder of radius r centered on the circle of indicated radius (R). The back-flux is maximum for
r corresponding to the position of the eye of the recirculation vortex, called the recirculation radius. The
maximum is the recirculation flux plotted in Fig. 5(c). (h), Recirculation radius and (i) height of the eye of the
recirculation vortex, as a function of the radius of the circle.
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Figure 2.20: Supplementary data to the simulations of mixtures of motile circular swimmers
(Mc) and non-motile tracer cells (NM). (a) Comparison between the ansatz probability density of a circle
having a given radius (Fit) and the experimental distributions for normal (Long -) and elongated cells (Long
+) for indicated cells. (b) Estimation of the contributions to global flows of a cell swimming with a given
radius of curvature. The estimation is computed as lpaSv0p(R)/R3, i.e., the product of the dipole strength
lpaSv0, with the dipole length lp, the cell body hydrodynamic radius aS and the swimming speed v0, times
the probability p(R) of an observing radius R times the typical magnitude of the fluid velocity produced by
the circular swimmer for this radius (⟨|v1r|⟩ ∝ 1/R3). (c) Heterogeneity measure σ2

N /Nσ2
1 (Eq. 5.2) of the

NM cells (volume fraction ϕNM = 0.4 %) as a function of the box size N for the indicated volume fractions
of motile circular swimmers of normal size (ϕMc), averaged over the persistence time range τ = [50, 70] s.
(d) Heterogeneity measure σ2

N /Nσ2
1 as a function of the time since the start, from a homogeneous state, of

the simulation (persistence time) for indicated ϕMc for N = 256. The heterogeneity level is the average of
σ2

N /Nσ2
1 over τ = [50, 70] s for N = 256. (e) Vertical distribution of non-motile cells for the indicated volume

fractions of motile cells ϕMc after a persistence time τ = 60 s. (inset) Average vertical position of the NM cells
(ϕNM = 0.4 %) throughout the simulation for indicated ϕMc. The increase for larg ϕMc reflect the increased
effective diffusion. (f) Heterogeneity level as a function of the volume fraction of motile circular swimmers
ϕMc, for different values of the volume fraction of non-motile cells (ϕNM ), compared to experiments with the
non-tumbling mutant (expe.). Control is a homogeneous distribution of cells. (c-f) For simulation data, points
are the mean and error bars (c,f) the standard error of the mean over 6 independent repeats. (f) Experimental
data are the geometric mean and error bars indicate the standard deviation over 3 biological replicates.



Chapter 3

Physiological consequences of the

density fluctuations

The density patterns described and characterized in Chapter 2 occur over a range of densities

that are typical of planktonic cultures for motile cells (0.01 < ϕM < 1 %) and of biofilms for

non-motile cells (0.1 < ϕNM < 10 %). This range of densities indicates that density fluctuations

may be relevant to natural bacterial communities. Therefore, in this Chapter, we will study the

physiological consequences of the emergent patterns by studying both aggregation of adhesive

non-motile cells in the mixtures and the biofilm formation of both species together.

3.1 Aggregates

In the previous chapter, we showed that motile cells can induce a distinctive spatial struc-

turing of the density of non-adhesive non-motile cells. Adhesion is an important first step for

biofilm formation and community establishment, therefore, we started by investigating whether

motile cells affect the aggregation of adhesive non-motile cells. To this end, we used a non-

motile strain that constitutively expresses the adhesin Ag43 and is therefore adhesive, following

the procedure described in the Methods section 5.6. Upon mixing with non-adhesive motile

cells, adhesive non-motile cells rapidly form significantly larger and more structured aggregates

than when they are alone and just subject to thermal motion (Fig. 3.1a). As expected, the ag-

gregates become larger as the volume fraction of non-motile cells increases, reaching gelation at

high volume fractions (Fig. 3.1a, ϕNM = 1.8%), at which point the cells form an interconnected

network107–109. In this section, we characterize the dynamics of formation and the morphology

of the aggregates (ϕNM = 0.18% and 0.53%), by systematically varying different parameters

that are key to the formation of the density fluctuations.

45
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3.1.1 Formation dynamics

We mixed non-adhesive motile cells with adhesive non-motile cells and studied the dynamics

of aggregate formation for non-motile cells (Fig. 3.1b-c). The system starts as a well-dispersed

suspension, consisting of individual bacteria. As time passes, bacteria start to aggregate and

the particle mass, consisting of both individual cells and aggregates, increases. Interestingly,

the particle mass assumes a bimodal distribution, indicating a mixture of large aggregates and

single cells/small aggregates. In the passive system, i.e., the control with only non-motile cells,

aggregates are smaller and form more slowly.

By comparing the particle mass distributions across each of the conditions we previously

identified as controlling the density fluctuations (i.e., volume fraction of motile and non-motile

cells, swimming behavior of motile cells, sedimentation and channel height), we observe that, as

with the non-adhesive cells, aggregation is controlled by the swimming persistence of motile cells

and their volume fraction. The higher the fraction of motile cells and the more persistently they

swim, the bigger the aggregates and the faster they form (Fig. 3.1d, ∆cheY , WT). Likewise,

sedimentation plays a crucial role by concentrating cells at the bottom, facilitating aggregate

formation (Fig. 3.1d, ∆ρg = 0). However, contrary to our observations with non-adhesive

cells, aggregate formation appears less influenced by hydrodynamic interactions, as evidenced

by their formation in channels of 20 µm in height, despite being weaker than for 50 µm channels

(Fig. 3.1d, h = 20 µm).

To better assess particle size (as distinct from its mass (Fig. 3.2a)), we compute the radius

of gyration RG of each particle as,

RG =

vuut 1

M

nX

i

Ii (xi − xcm)2 + (yi − ycm)2 (3.1)

where xi and yi are the coordinates of each pixel of the particle, Ii is the fluorescence intensity

of each pixel, xcm and ycm are the center of mass, and M the total mass of the particle (size and

intensity). The mean radius of gyration follows the same dynamics as the particle’s mass (Fig.

3.2b). We categorize the particles to be aggregates when their radius of gyration RG > 2 µm

and to be single cells when their RG < 2 µm (Fig. 3.2a). The percentage of the total mass in

aggregates (PA for RG > 2 µm) follows a saturating-exponential growth in all conditions where

the cells sediment (Fig. 3.2c, ∆ρg = 1),

PA (t) = σ − A0e−t=� agg (3.2)
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Figure 3.1: Formation of the aggregates. a) Snapshot images of the non-motile cells after 80 minutes of
aggregation for three different volume fractions of non-motile cells, as indicated. The motile volume fraction
was kept constant at ϕM = 0.18%. b) Increase in the average particle mass with time for a mixture of
adhesive non-motile ϕNM = 0.53% and non-adhesive WT motile ϕM = 0.53%, and for a passive control
ϕM = 0% ϕNM = 0.53%. For both conditions, the cells sediment ∆ρg = 1 and channel height h = 50 µm. The
three different phases of aggregation are shaded with different colors: yellow - only single cells, orange - small
aggregates, red - big aggregates. c) Probability density distribution of the particle mass for each of the phases
of aggregate formation, as color-coded in (b) and snapshot images representative of the three different phases
of aggregation, for the mixture and control in (b). d) Increase in the average particle mass with time for the
indicated conditions and volume fractions. Each data point represents the binned mean and the vertical error
bars represent the standard error of the mean.

where PA is the percentage of total mass in aggregates, σ is the saturation point, A0 is the

initial percentage of mass in aggregates and αagg is the rate of aggregation. Note that A0 does

not equal σ at t = 0 for all the conditions, given that the aggregation process was faster than

the time it took to prepare the sample before image acquisition started and by that time some

of the cells were already forming part of aggregates (Fig. 3.2c).

We can identify two regimes in the formation dynamics: An initial aggregation stage, where

single cells come together and form small aggregates, and a later aggregation stage, where
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small aggregates come together to form bigger aggregates, in a process known as coarsening

(Fig. 3.1b-c, Fig. 3.2a, c).

As explained in the Introduction section 1.2.3, there are two theoretical extreme limits

of aggregation: diffusion-limited and reaction-limited. In diffusion-limited aggregation, the

encounter rate limits the aggregation, leading to more ramified aggregates. In reaction-limited

aggregation, the cell stickiness, which in our system is set by the Antigen 43 binding affinity,

is the limiting factor, leading to more compact aggregates.

To understand the nature of our system, we study the formation rate of the aggregates, i.e.,

the slope of the time derivative of Eq. 3.2, A0/αagg. Note that for the mixtures in channels

with h = 20 µm and ϕNM = 0.18%, the percentage of aggregates does not reach saturation,

and therefore we extract the slope from a linear fit on the initial times as the formation rate in

those cases. The formation rate scales with the volume fraction of motile cells in the mixtures

and is also affected by the channel heights and the volume fraction of non-motile cells, although

to a lesser extent (Fig. 3.2d). Note, though, that here we only report on a modest change in

non-motile cell volume fraction. Larger changes may have a stronger influence on the formation

rate. Nevertheless, there is a critical density that needs to be reached for aggregates to form:

when there is no sedimentation, the local concentration of cells might not be sufficiently high

for aggregate formation, even with high non-motile volume fraction (Fig. 3.1d and Fig. 3.2b,c,

∆ρg = 0). Note that the increase in the percentage of mass in particles with RG > 2 µm in the

∆ρg = 0 regime (Fig. 3.2c ∆ρg = 0) corresponds to small aggregates in mass and RG (Fig.

3.1d and Fig. 3.2b ∆ρg = 0), which form due to diffusion alone at such high densities. The

notable difference in the formation rate when h = 20 µm and ϕNM = 0.18% might come from

the fact that we are extracting the slope from a linear fit instead of a saturating-exponential.

As discussed in Section 2.3.2, increasing the volume fraction of the motile cells enhances the

diffusion of the non-motile cells (Fig. 2.9), as a result of an increase in the effective temperature

of the system. This, together with the hydrodynamic interactions, might lead to a change of

regime, from diffusion-limited at low volume fractions of motile cells, to reaction-limited when

the volume fraction of motile cells is increased. To explore the possible regime change in more

detail, we next examine the morphology of the aggregates, since this can provide insight into

how the aggregates were formed.

3.1.2 Morphology of the aggregates

Two aggregates can have the same mass but very different morphologies; they can be more

compact or more ramified, and interestingly, the different morphologies tell us how the aggregate
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Figure 3.2: Dynamics of formation of the aggregates. a) Schematic representation of the process of
aggregation, together with the radius of gyration RG and radius of the particle RA for each of the particles
(cells or aggregates), and how they vary depending on the aggregate size (from top to bottom) and compactness
(from left to right). b) Increase in the mean radius of gyration with time for the indicated conditions and volume
fractions. c) Increase in the percentage of total mass forming part of aggregates (particles with RG > 2 µm)
over time, for the different conditions and mixtures, as indicated. The grey lines represent the saturating-
exponential fit used in (d). (b-c) Each data point represents the binned mean and the vertical error bars
represent the standard error of the mean. d) Dependency of the formation rate of the aggregates of non-motile
cells with the volume fraction of the motile cells in the mixture, for two different motile strains, two different
channel heights and two different non-motile densities. The formation rate is the slope of the time derivative of
the saturating-exponential fit in (c).
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was formed, as described in the Introduction (section 1.2.3). A way to measure the compactness

of an aggregate is by its radius of gyration (RG), as it is the mean distance of each particle to the

center of mass of the aggregate (Eq. 3.1 and Methods section 5.6.2). For two aggregates with

the same mass, the one with bigger RG will be more ramified and the one with lower RG will be

more compact (Fig. 3.2a, left-right). However, RG is interdependent with the mass: the bigger

the aggregate, the bigger the RG of the aggregate, independently of their compactness (Fig.

3.2a, top-bottom). Therefore, to characterize the morphology of the aggregates we study their

compactness as well as their roughness. For this, we only considered particles with RG > 2 µm

as these are what we define as aggregates.

We calculate compactness as the ratio between an aggregate’s radius (RA =
p

2Area/3π)

and its radius of gyration (Eq. 3.1 and Methods section 5.6.2). Depending on the conditions,

we can observe three different regimes of compactness for the aggregates.

Firstly, if the cells do not sediment or there are no motile cells, the aggregates are always

small (RG < 20 µm) and the distribution of their compactness is very broad (Fig. 3.3a (green,

grey)).

Secondly, upon sedimentation and with the presence of tumbling motile cells, the compact-

ness of the small aggregates (RG < 20 µm) is similar independent of the channel height, and

only differs for larger aggregates (RG > 20 µm), which are more compact when they are in a

50 µm channel (Fig. 3.3a (light and dark blue)).

Finally, when non-motile cells are in mixture with non-tumbling motile cells, they form

bigger and more compact aggregates. Their size increase is due to an equivalent increase in

mass, given that the ratio never surpasses 2 (Fig. 3.3a (orange)). Notably, under this condi-

tion the aggregates form very fast; half of the mass forms part of aggregates when the image

acquisition starts (less than 5 minutes after sample preparation) (Fig. 3.2d (∆cheY )). It is

then probable that in this case, aggregation is faster than the sedimentation speed, and that

small aggregates form while sedimenting. These small aggregates then come together to form

larger three-dimensional aggregates, which we indeed observe (Fig. 3.3b). These aggregates

are therefore more compact, given that they have bigger mass in a smaller size compared to

a two-dimensional aggregate. It is also possible that the presence of motile cells enhances the

effective diffusion of the non-motile cells (or small clusters of cells) within the aggregates, as a

result of hydrodynamic interactions. This increased diffusion may lead to a reshuffling of the

small aggregates within the larger clusters, with the smaller aggregates minimising their energy

by reaching a more stable conformation via increased contact with other small clusters. This

process may ultimately lead to the formation of more compact aggregates.
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As a complementary measure of the average morphology over all aggregates, we also char-

acterize the fractal dimension (DF ). The fractal dimension is commonly used to quantify the

roughness of aggregates98,110–113,150. The DF is the factor by which the RG increases when the

mass increases (Fig. 3.3c inset and Methods 5.6.2). Linear and ramified aggregates will hence

have a low DF , while compact aggregates will have a higher DF (Fig. 1.2.3). In our system,

we observe a general increase in DF as the volume fraction of the motile strain increases, which

is stronger when the motile strain swims smoothly (Fig. 3.3c). For small volume fractions

of motile cells, the non-motile aggregates have a small fractal dimension, in agreement with

values for diffusion-limited cluster aggregates (DLCA)98,115. As the volume fraction of motile

cells increases, the DF also increases, reaching values associated with reaction-limited cluster

aggregates (RLCA)111,113,181. Remarkably, there is a break in the scaling between the mass and

the RG for big and small aggregates (Fig. 3.3c inset), which we will discuss later on.

In summary, these results show that the aggregation of non-motile bacteria in binary mix-

tures is enhanced by the presence, amount and swimming persistence of motile bacteria, as well

as by sedimentation.

3.1.3 Resistance to oxidative stress

Aggregation mediated via Antigen 43 is known to confer resistance against oxidative stress to

the cells103. Therefore, we tested whether the enhanced aggregation and in turn the presence of

motile cells, may confer any resistance advantage to the non-motile cells in our binary mixtures.

The experimental work was carried out by the BSc student Andreas Liebscher as described

in the Methods section 5.6.3. To briefly summarize, both mixed and control samples were

prepared, with mixed samples containing a 1:1 mixture of non-adhesive motile and adhesive

non-motile cells and control samples containing only adhesive non-motile cells. The samples

were then loaded into 24-well plate inserts. These inserts facilitate the formation of bacterial

aggregates while preventing their disturbance by fluid flows when treatment is added. We first

confirmed that the cells behaved similarly in these settings as in previous experiments using the

fluorescence microscope. Indeed, similar structures as in Fig. 3.2c were observed in the mixtures

and low levels of aggregation were observed in the controls. After 2 hours of aggregation, the

samples were subjected to either a H2O2 treatment or left untreated (adding the same volume

of H2O) for comparison. After 1 hour of treatment, cell suspensions were collected and plated

for colony-forming unit (CFU) counting.

With the treatment, the survival rate of cells in the mixture was significantly higher than in
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Figure 3.3: Morphology of the aggregates. a) Compactness of the aggregates measured as the ratio
between their radius of gyration (RG) and their size (RA), for each of the indicated conditions. Motile cells
volume fraction ϕM = 0.53%, non-motile ϕNM = 0.53%. b) Orthogonal protection of confocal Z-stack of an
aggregate of EGFP tagged adhesive non-motile cells mixed with ∆cheY non-adhesive motile cells, with volume
fractions as indicated. c) Fractal dimension (DF ) of the aggregates as a function of the volume fraction of the
motile strain, for different volume fractions of the non-motile strain and in mixture with different motile strains,
as indicated. The grey lines are exponential fits to visualize the dependency of the DF with the volume fraction
of the motile strain and their swimming behavior (WT or ∆cheY ). The DF is the slope of the log-log plot
between the radius of gyration and the mass of the particles (inset). d) Survival of non-motile cells subject to
oxidative stress, measured by colony-forming units (CFUs) per milliliter in each of the conditions. Each bar
represents the mean over three independent biological replicates, and the error bars are the standard deviation
of the mean. Paired student’s t-test: ∗p < 0.05.

the control, while no significant difference was observed without treatment (Fig. 3.3d). This

suggests that motile cells can help non-motile cells endure oxidative stress by enhancing their

aggregation.

3.2 Biofilm formation

The role of motility in structuring biofilms in their initial phases of formation remains largely

unexplored. To study this, we grew adhesive non-motile cells together with one of two different

strains of motile cells, either adhesive or non-adhesive. The non-adhesive strains have the
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genes flu and csgA knocked out. As explained in the Introduction (1.3), the gene flu encodes

for Antigen 43, an adhesin that mediates reversible cell-cell attachment103. The gene csgA

encodes for part of the curli fibers, which are part of the biofilm matrix that E. coli produces

when grown at 30°C145. These mixtures were grown in two different proportions relative to the

non-motile cells: 1:10 and 1:1. Additionally, a control group consisting only of non-motile cells

was included for comparison. Both mixtures and control were left to grow at 30°C to promote

curli expression and therefore biofilm formation and imaged every day for a week (Fig. 3.4a

and Methods section 5.7).

In the control, where only non-motile cells were present, the initial growth phase (1-2 days)

was characterized by the formation of small mounds. By the fourth day of growth, a homo-

geneous distribution was observed, resulting in the formation of a thick layer of cells (Fig.

3.4b).

The change in the biofilm architecture when motile and non-motile cells were grown together

depended on the adhesive properties of the motile cells.

Surprisingly, no distinctive structures emerged when the motile cells were non-adhesive. Like

in the control, the non-motile cells formed a homogeneous layer of cells, but to a lesser extent

(Fig. 3.4c,d), likely due to growth competition with the motile cells. The non-adhesive motile

cells were overgrown by non-motile cells, most probably because non-motile cells do not express

flagella, which places a metabolic burden on the cells. Furthermore, the non-adhesive motile

cells were excluded to the bottom, where after five days small colonies of approximately five

cells formed. This was particularly pronounced when the proportion of inoculated motile cells

was higher (Fig. 3.4d).

The presence of adhesive motile cells introduced a significant change in the biofilm archi-

tecture. Initially, both cell types grew spatially separated. This dynamic changed after 3-4

days, with non-motile cells beginning to grew over the motile cells when the ratio of motile to

non-motile cells was lower (1:10), leading to the development of three-dimensional structures

reaching heights of up to 50 µm after 6-7 days (Fig. 3.4e). Conversely, when inoculated in the

same proportion (1:1), they continued to grow equally and separately also in the vertical plane,

maintaining the patchy distribution of cells (Fig. 3.4f).

Overall, these results suggest that adhesive motile cells promote the formation of complex,

three-dimensional biofilm structures, especially at lower ratios, and that therefore motility,

together with the ability of the motile cells to aggregate, is important for the early stages of

biofilm formation. However, more quantitative and systematic analysis is needed to validate

these conclusions.
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Figure 3.4: Biofilm structuring in binary mixtures. a) Schematic representation of the experimental setup.
b-f) Z-stack confocal images of the vertical distribution of the cells every day (1-6 days) and confocal image of
the horizontal distribution of the cells at the end of the experiment (day 7). In all cases, the non-motile cells
were tagged with mNeonGreen (green) and the motile cells with mCherry (pink). The cells and ratios used in
each of the mixtures are as indicated. The scale bar is 50 µm for the z-stacks and 100 µm for the last-day (7d)
images.



Chapter 4

Discussion

The main goal of this thesis was to further our understanding of how physical interactions,

especially those arising from bacterial motility, influence the spatial organization of microbial

communities. By focusing on the physical interaction between motile and non-motile bacte-

ria, this work provides new insights into possible mechanisms shaping microbial ecosystems,

contributing to a more comprehensive understanding of their structure and function.

4.1 Emergence of density fluctuations in bacterial binary mixtures

Upon mixing with motile bacteria, the density of the non-motile bacteria fluctuates in space

and time. Our experimental findings have identified two control parameters that are essential

for this pattern formation. First, the persistence of circular swimming at surfaces creates spa-

tiotemporal structured fluid flows that advect the non-motile cells. Secondly, the sedimentation

of the non-motile cells allows for their local accumulation by breaking the vertical symmetry

(Fig. 4.1). Let us now dive a bit more deeply into these parameters.

The first control parameter we identified was the persistence time of the circular swimming

τ , which is primarily controlled by the tumbling rate (Fig. 2.5), but also by tumbling angles

and rotational diffusion29,35,36,38. The reduction of the latter two for WT elongated cells182

could explain the increased heterogeneity compared to normal sized cells (Fig. 2.7). Interest-

ingly, reduced tumbling32 and possibly diffusion38 at surfaces increase swimming persistence,

which likely further reinforces the recirculative flows. We can define from τ a non-dimensional

parameter, a Péclet number Pe = ⟨vadv⟩2τ/DNM , which compares advection by the swimmer-

induced recirculation flows to diffusion of the non-motile cells. This number also accounts for

the typical strength of the recirculation flows ⟨vadv⟩, which depends on the swimmers’ volume

fraction, but also on the height of the channel, via its effect on the strength of hydrodynamic

55
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interactions24.

The second parameter that we found to control the emergence of the density fluctuations was

the sedimentation of the non-motile cells, or more precisely, the sedimentation inverse length,

which controls the level of non-motile vertical asymmetry. The sedimentation length of the

non-motile cells depends on their sedimentation velocity (vsed) and on their diffusion (DNM ),

λsed = DNM /vsed = kB T/∆mg, where kB is the Boltzmann constant, T is the temperature, g is

the gravitational acceleration and ∆m is the difference between the media and the cell’s mass.

We non-dimensionalize the inverse lenght to h/λsed because, for patterns to occur, λsed needs

to be smaller than the size of the recirculation loop, which is proportional to channel height h

(Fig. 2.12 and 2.16; Supplemental Fig. 2.19). In the h = 20 µm channels, the disappearance

of heterogeneities is thus likely due to a reduction of both h/λsed (from ≃ 8 to 3) and Pe (Fig.

2.13c). At high motile cell density and channel h = 50 µm, h/λsed decreases as the non-motile

effective diffusion coefficient increases, which explains the reduced heterogeneity level (Figs.

2.9 and 2.20). With this exception, streamline crossing controlled by the tunable h/λsed is

independent of the hydrodynamic interactions with the motile cells. Hence, self-organization

in the binary mixture differs profoundly from self-assembly in purely active systems, where

particle activity generates both of these aspects183,184.

Unfortunately, we were unable to directly link experimentally one of the strongest features

of the density fluctuations (the holes) with the circular swimming trajectories (Fig. 2.15).

This represents one of the main limitations of our work. We therefore carried out simulations

to tackle this issue. The simulations revealed the recirculation flows produced by circular

swimmers (Fig. 2.16) and successfully reproduced the pattern formation (Fig. 2.17). Our

model contains the minimal ingredients required to well-capture all the experimental features in

simulations. We neglected, however, not only steric interactions, but also hydrodynamics-driven

collective sedimentation effects between non-motile cells, which can produce heterogeneities by

themselves126,128. It may be that the combination of these effects with those of the motile

bacteria increases heterogeneity of the non-motile cells. This combination of factors is one of the

possible explanations of the heterogeneity level being lower in simulations than in experiments

(Fig. 2.17).

4.1.1 The density patterns form via a new type of collective structure for bacteria

The mechanism for density pattern formation differs strongly from motility-induced phase

separation (MIPS), the most studied physical self-organization mechanism for self-propelled

active matter43–45,47,48,81,82. The spatial localization of the motile cells is indeed not affected
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Figure 4.1: Schematic representation of the
emergence of density fluctuations in bacte-
rial binary mixtures. Motile cells swim close to
the surfaces describing circular trajectories. This
generates structured fluid flows that advect the
non-motile cells. Gravity allows for the patterns to
emerge as it makes the non-motile cells sediment,
breaking the vertical symmetry and not allowing
their recirculation.

(Fig. 2.2d) and their influence on the non-motile cells can be explained only considering hydro-

dynamic interactions (Fig. 2.8), whereas MIPS is instead suppressed by them185. Our results

thus highlight the importance of these interactions even below the onset of bacterial turbu-

lence22,24,54, where they are rarely accounted for. In the most heterogeneous mixtures, the fluid

flows are not strong enough to visibly affect other swimmers, but a flow structure has already

emerged, which is revealed by non-swimmers. This flow structure might nonetheless still have

subtle effects on motile cells, e.g. on their chemotactic swimming24.

Whereas active turbulence and other types of self-assembly in active swimmer populations

result from interactions mediated by the instantaneous flow fields183,184,186, interactions in

the mixture feature a more complex temporal structure. Borrowing from previous theoreti-

cal works80, we can indeed decompose the hydrodynamic interactions into (1) instantaneous

noise, which enhances diffusion, (2) a flow structure, revealed only by averaging over the typ-

ical duration of a circular revolution (few seconds), and (3) fluctuations on the flow structure

on the time scale of circle rearrangements (tens of seconds). Our PIV measurements revealed

both the spatial features (Fig. 2.8b) and the temporal persistence (Fig. 2.8c) of this flow

structure. The temporally-varying and spatially-structured flow field created by the swimmers,

together with the gravity constraint, can thus be interpreted in terms of a temporally fluc-

tuating advection landscape for the non-motile bacteria. This is the basis for the emergence

of fluctuation-dominated phase ordering (FDPO) on a fluctuating surface40,92,93, with which

our system shares strongly similar characteristics, including giant number fluctuations of cell

density and non exponentially decaying correlation functions (Fig. 2.2a,b). This is surprising

because, although mostly studied in theory and simulations, FDPO is a characteristic of active

nematic systems, best materialized by active actin suspensions40,93. We find here that our bac-

terial system, which is more often thought of as polar active matter, provides an experimental

realization of this idea.

Experiments with rapidly sedimenting or two-dimensionally constrained beads have shown

that swimming bacteria can generate attractive interactions between them95, which can lead
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to collective aggregation96,97. This behaviour is purely two-dimensional and was mainly inter-

preted as an active depletion interaction effect. The shape of the fluid flow generated by surface

swimmers may however contribute to it, in a low diffusion and infinite sedimentation limit of

our system.

In contrast, the self-organization we observe differs strongly from the depletion at walls of col-

loids that are mixed under confinement with algal swimmers94, which is unsurprising given the

differences in the hydrodynamics of both systems. Other flagellated algae that swim in circles

at surfaces however generate recirculative flow fields, which though they differ quite strongly

from the bacterial ones due to different body plans187, might still drive similar density pat-

tern emergence. Active particles attached to surfaces can affect local dynamics, a phenomenon

coined active carpet79,80, by enhancing diffusion and creating fluid transport188,189, mostly ob-

served in eukaryotic cells like in the synchronously beating cilia190 but also in such prokaryotic

systems as engineered surfaces covered with attached flagellated bacteria79. Our observations

fit in this general framework, further highlighting the importance of microorganism-surface in-

teractions. However, in our case, the structure emerges from a population of freely swimming

cells interacting with the surface.

4.2 Motile cells enhance the aggregation of adhesive non-motile cells

Our results showed that the aggregation of non-motile bacteria is enhanced by the presence,

amount and persistence of swimming of motile bacteria as well as by the sedimentation of the

non-motile bacteria. We will now discuss these factors in more detail.

As seen before, one of the control parameters of the density fluctuations is the sedimentation

length, λsed = DNM /vsed, as it controls the level of non-motile vertical asymmetry. If we develop

this expression further, accounting for m = ρV = ρR3, we see that λsed scales cubically with

the size of the particle, as λsed = DNM /vsed = kB T/∆ρR3g. Contrary to our observations with

non-adhesice cells, the confinement of adhesive cells in a h = 20 µm channel does not abolish

their aggregation (Fig. 3.2c channel height h = 20µm). When the mixtures are confined in the

h = 20 µm channels and do not aggregate, the disappearance of heterogeneities is likely due to

a reduction of the sedimentation length λsed and of the strength of the fluid flows. When the

non-motile cells are adhesive, the resulting aggregates have bigger sizes, which greatly decreases

the sedimentation length, as it has an inverse cubic scaling with particle size. This decrease

in λsed makes the aggregates locate to the bottom of the channel, making them more exposed

to the influence of the fluid flows created by the swimmers, even when the strength of these
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flows decreases in the h = 20 µm channel. This attenuation in the strength of the fluid flows is

probably responsible of the reduction in aggregation (Fig. 3.2b channel height h = 20 µm).

Moreover, since the aggregates are in quasi-2D at the bottom, where the motile cells also

accumulate, the probability of close-contact interactions is higher compared to a 3D scenario.

We therefore expect collisions and short-range hydrodynamic interactions between the motile

and non-motile bacteria to play a stronger role in aggregation. This is supported by simulations

where only considering collisions still leads to the aggregation of colloids in bacterial baths89.

The other control parameter for aggregation is the persistent swimming of motile cells in

circular trajectories near the bottom surface, since increasing the motile volume fraction and the

persistence of swimming (∆cheY vs WT) both enhance aggregation (Fig. 3.1d, 3.2). As seen

before, the fluid flows that the cells create when swimming in circular motion close to a surface

can be decomposed into two components; the instantaneous and the structural component.

The instantaneous components of the fluid flow, together with the steric interactions by direct

collisions, affect the non-motile cells in all directions, hence enhancing their diffusion. Averaged

over longer scales, the flows are structured due to the circular motion. This structure is different

for the ∆cheY and the WT strain, being more persistent in the former. We expect that both

enhanced diffusion and structural flow patterns will contribute significantly to the aggregation

of non-motile cells, the former playing a central role and the latter further contributing to the

aggregation, with a possible reshaping role. The contribution of the hydrodynamic interactions

(i.e., structural flow) is supported by our results, since non-motile cells mixed with motile

∆cheY undergo faster and stronger aggregation than when mixed with the WT (Fig. 3.1d,

3.2) while the effect on their diffusion is similar (Fig. 2.9a).

We observed not only an increase in aggregation as the density of motile cells increases, but

also a change in the structure towards more compact aggregates, as reflected in the increased

fractal dimension as the density of motile cells increases (Fig. 3.3b-c). This suggests a transition

from diffusion-limited aggregation (DLA) to reaction-limited aggregation (RLA) as the diffusion

of non-motile cells increases. The reason for this phenomenon remains unknown and further

investigation is required to ascertain the cause. However, we can postulate potential causes.

One hypothesis is that the interaction with the rotating motile cells at the surface makes

the non-motile also rotate, wrapping the aggregates in themselves, which will lead to more

compact aggregates with higher fractal dimension. A recent publication has shown that the

internal torque of colloids increases when mixed with motile bacteria98, which is in favor of this

hypothesis. Another possibility is that the increased effective diffusion that the cells experience

is sufficient for the enhanced aggregation, independent of the rotation. If the effective diffusion
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of the non-motile cells is increased, weak Ag43 attachments might detach, allowing for an

internal reshuffling of the cells (or small aggregates) within the larger aggregates, making the

overall structure more compact and thus increasing their fractal dimension. This is supported

by simulations where the sticking probability is less than 1 (so that the particles do not always

stick together upon contact)120.

On top of this, we also observe that the fractal dimension increases more steeply with the

volume fraction of motile cells when they swim smoothly and persistently (∆cheY ) (Fig. 3.3c).

This phenomenon can be attributed to the fact that the structure of the flow exerts an influence

on the structure of the aggregates, as previously stated. Another possibility, which does not

exclude the aforementioned, is that the aggregates form at a faster rate than they sediment,

given their fast aggregation rate (Fig. 3.2d). Consequently, the cells could aggregate while

sedimenting, and upon reaching the bottom, they are already forming part of small aggregates.

At this point, the small aggregates could come together as large aggregates in three dimensions.

Such aggregates would exhibit a higher fractal dimension due to their increased compactness

compared to two-dimensional aggregates, as we observe (Fig. 3.3).

Another interesting result is the break of the fractal dimension for large aggregates (Fig.

3.3c (inset)), which indicates that under the same conditions, smaller aggregates are more

compact and bigger aggregates are more loose. The aggregation of particles is dependent on

their diffusion which in turn depends on their size. Therefore, small aggregates have a fast

diffusion, and the limiting factor in their aggregation is the reaction rate. In this regime

(RLA), the mass and RG scale with a larger DF , as would be expected for compact clusters.

As the mass of the aggregates increases, their diffusion slows down, and the regime changes to

DLCA, which results in a decrease in the DF . This break is reported to happen in transition

from diffusion-limited aggregation (DLA) to reaction-limited aggregation (RLA) as the rotation

of the non-motile cells increases181, and when sedimentation119 and rotational diffusion123 are

incorporated into the classical DLCA regime, which is analogous to our system.

Another unexpected finding was the bimodality observed in the mass distribution of the

aggregates (Fig. 3.1c). This bimodality suggests that the aggregation probability of small

aggregates is greater than that of single cells. Consequently, once single cells become part of

small aggregates, they immediately come together to form larger aggregates. This is unexpected

since it is not a typical characteristic of a passive system, where the aggregate’s mass increases

monotonically with time. To our knowledge, it has only been observed in depletion-driven

aggregation of colloids115 and as a result of an an effective attraction between larger colloids

(5 µm in diameter) in an active bath95.
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4.3 Motile adhesive bacteria promote special spatial structuring in

biofilms with non-motile bacteria

When a mixture of adhesive motile and non-motile bacteria are left to grow together and

form biofilms, they display a spatial organization distinct to that of biofilms formed by purely

non-motile bacteria or with non-adhesive motile bacteria.

When the motile cells are non-adhesive, they are overgrown by the non-motile cells, being

relegated to small colonies on the bottom surface which are completely covered by the non-

motile cells (Fig. 3.4c-d). Given that the non-motile bacteria do not have the metabolic burden

of the flagella, they outcompete the motile bacteria in growth. This indicates that only when

able to aggregate, do the motile bacteria manage to efficiently integrate in the biofilm. The

capacity to aggregate has already been shown to be crucial in the development of biofilms,

as biofilms initiated from aggregates can outcompete those initiated by single cells191. Future

experiments should consider using a non-motile strain with non-functional flagella to mitigate

the growth differences due to the metabolic burden and to disentangle the separate effects of

adhesion due to curli and adhesion due to the flagella192,193.

Remarkably, the structures that form when the motile cells are adhesive are different de-

pending on the initial inoculation rate, forming patches of segregated motile and non-motile

cells when they are inoculated equally (Fig. 3.4f), and big three-dimensional structures when

the ratio of motile cells to non-motile is 1:10 (Fig. 3.4e). Different initial inocula has already

been reported to lead to different spatial patterning of B. subtilis agar-plate colonies194 and in

simulations161,195. The spatial structuring of biofilms is crucial for their normal functioning.

Microorganisms that benefit from interspecific interactions tend to coaggregate, while microor-

ganisms that antagonise each other tend to segregate spatially154,156. The reason why these

distinctive structures form in our system is still unknown, however, we can explore potential

reasons.

The non-motile cells could be using the meshing properties of the flagella of the motile cells

as a scaffold structure to grow over them when starting from a higher concentration192.

It is also possible that biochemical interactions play a role in the patchy structure of the

biofilms observed65–68,158,159, as motile cells are chemotactic and can respond to AI-2 leading to

autoaggregation10.

It also remains to be studied the precise manner in which the aggregation of non-motile

cells aided by motile cells at short time scales (Section 3.1) plays a role in the formation of

the characteristic structures that we observe at longer time scales. One possible hypothesis
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is that the motile cells insert and form microcolonies in the interstices between structured

non-motile aggregates. Further investigations should examine the growth of two differently

tagged non-motile strains in order to observe their spatial organisation without the influence

of motility.

Finally, the effect of gravity on biofilm formation was not studied in the current work, al-

though it is a physical factor known to influence the spatial structuring of bacterial populations

(Section 2.3.3) and aggregates (Section 3.1), and it has been previously reported to also affect

biofilm formation196, especially in combination with motility197.

4.4 Conclusions and future directions

In this thesis, we report a new type of active collective structuring for bacteria. Fluctuating

density patterns emerge in binary mixtures of motile and non-motile bacteria, over a broad

range of volume fractions of both species. We identified a purely physical mechanism of emer-

gence, based on the combination of heterogeneous active flow fields with a symmetry breaking

by gravity. Our experiments and modeling indeed demonstrate that persistent circular swim-

ming of the motile cells at the surfaces of the sample creates, on average, recirculation fluid

flows, which advect the non-motile species in three dimensions. At population level, the flows

remain heterogeneous because infrequent swimmer trajectories with a small radius of curvature

contribute strongly to the total flow. Active pattern formation also requires vertical symmetry

breaking by sedimentation, which counters fluid incompressibility by effectively allowing non-

motile cells to cross streamlines, and permits them to deplete or accumulate in the downward

or upward flow regions, respectively. The sedimentation biased fluid flow thus plays the role of

an effective advection landscape for the non-motile cells, which fluctuates because of the slow

rearrangements of the motile cells’ circles. This is sufficiently slow compared to non-motile

cell diffusion to allow density patterns to emerge, while also making them fluctuate and lim-

iting their amplitude. Furthermore, our results demonstrate that this physical mechanism for

pattern formation takes place over a wide range of physiologically relevant densities, where

it notably enhances and reshapes aggregation of non-motile cells expressing surface adhesins.

These aggregates also require the sedimentation of non-motile cells and the persistent swim-

ming of motile cells, suggesting a similar mechanism to that of density fluctuations. Moreover,

motility has also been observed to promote complex structuring of biofilms of heterogeneous

bacterial populations. This thesis therefore highlights the importance of considering physical

interactions when studying microbial communities.



63 4.4. Conclusions and future directions

Nevertheless, several questions remain unanswered.

It will be interesting to investigate if density fluctuations also occur in populations of other

microorganisms. For instance, B. subtilis is especially relevant due to its bimodal lifestyle,

whereby within the same clonal population, some of the bacteria are motile and others are

non-motile198. Consequently, we anticipate that density fluctuations will be relevant in the

organization of these communities. Additionally, the motile bacteria Serratia marcescens has

been reported to aggregate solely due to hydrodynamic interactions23, thus we expect a similar

behaviour when they are at higher concentrations or mixed with other non-motile bacteria.

Another promising direction is to study whether density fluctuations appear in microorganisms

with other forms of motility, such as Chlamydomonas. Given that Chlamydomonas also swim

in circular trajectories close to surfaces, but generate recirculation fluid flows in the opposite

direction to those of E. coli 187, it will be interesting to see if the accumulation and depletion

patterns differ from those in our system.

Regarding aggregates, the precise mechanism by which the aggregation of non-motile cells

is enhanced when mixed with motile cells remains to be elucidated. Tracking the rotation

of aggregates to study the effect of motile cells on their torque could provide insights into a

possible internal reshuffling. Moreover, it will be interesting to compare the adhesive dynamics

of Ag43 with the diffusion of the non-motile cells to determine the limiting factor in our system.

Further experiments are needed to draw conclusions about the physical role of motility in

biofilm formation. Specifically, to uncover a possible link between the initial stages of biofilm

formation with the enhanced aggregation of non-motile cells aided by the activity of motile

cells. It would also be valuable to investigate whether the fractality of aggregates provides

better access to nutrients and thus promotes growth, or if the enhanced compactness offers

them more protection and stronger structure.

Finally, further investigation should determine the consequences of the structures generated

by motile cells on the environmental fitness of both species, but previous works notably suggest

enhanced protection against adverse conditions10,104,199.
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Materials and methods

5.1 Materials

5.1.1 Chemicals and consumables

Chemical Company
NaCl Roth
KCl Sigma-Aldrich

H2O2 Roth
Na2HPO4 Sigma-Aldrich
KH2PO4 Sigma-Aldrich
K2HPO4 Sigma-Aldrich
NH4Cl Roth
MgSO4 Sigma-Aldrich
CaCl2 Sigma-Aldrich
EDTA Merck

Sodium succinate dibasic Sigma-Aldrich
Casamino acids Sigma-Aldrich

Tryptone Oxoid
Yeast extract Applichem

Bacto tryptone Roth
Ampicillin sodium salt Roth
Kanamycin sulphate Roth
Cephalexin hydrate Sigma-Aldrich

Nalidixic acid Sigma-Aldrich
Pipemidic acid Sigma

Cefuroxime sodium salt Sigma
IPTG Roth

L-Arabinose Roth
Iodixanol Opti-Prep
D-glucose Roth
Tween 80 Roth

Consumable Company
24-well plates glass bottom Greiner Bio-one

High Precision microscopy slides #1.5 24x60 mm Marienfeld
24-Well Insert 0.4 µm PET clear cellQart

FluoGreen-tagged PMMA particles microParticles GmbH
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5.1.2 Media and buffer solutions

All media were autoclaved at 120°C for 20 minutes unless otherwise stated.

Luria broth (LB) medium and plates

10 g/l Tryptone

5 g/l Yeast extract

5 g/l NaCl

The pH was adjusted to 7 and then ddH2O was added up to a final volume of 1l.

For preparing LB agar plates, 15 g of agar was added to 1l of LB liquid medium.

M9 minimal medium

48 mM Na2HPO4

22 mM KH2PO4

8.4 mM NaCl

18.6 mM NH4Cl

2 mM MgSO4

0.1 mM CaCl2

0.4% Succinate

0.2% Casamino acids

The salts were prepared as 5x and then sterile filtered.

Nutrients were mixed with the 1x M9 salts on the same day of the culture inoculation.

Tryptone broth (TB) medium

10 g/l Bacto tryptone

8.55 mM NaCl

The pH was adjusted to 7 and then ddH2O was added up to a final volume of 1l.

All buffer solutions were sterilized by filtration.

Motility buffer (MB)

10 mM KPO4 (61.5% K2HPO4, 38.5% KH2PO4)

0.1 mM EDTA

67 mM NaCl

Dissolved in ddH2O and adjusted to pH 7.

Phosphate-buffered saline (PBS)

0.14 mM NaCl

2.7 mM KCl

1.5 mM KH2PO4
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8.1 mM Na2HPO4

Dissolved in ddH2O and adjusted to pH 7.

5.1.3 Antibiotics and inducers

All stock solutions were sterilized by filtration.

Ampicillin 100 mg/ml in ddH2O

Kanamycin 50 mg/ml in ddH2O

Cephalexin 10% w/v in ddH2O

Nalidixic acid 10% w/v in ddH2O

Pipemidic acid 10% w/v in ddH2O

Cefuroxime 10% w/v in ddH2O

IPTG 0.1 M in ddH2O

L-Arabinose 10% w/v in ddH2O

5.1.4 Strains and plasmids

All the strains and plasmids used in this study are listed in Tables 5.1 and 5.2, respectively.

Strain name Relevant genotype and phenotype Source
W3110RH W3110 derivative with functional RpoS, rpoS396(Am) 139

RC101 (WT) W3110RH ∆flu pOB2; AmpR This study
RC125 (∆cheY ) W3110RH ∆cheY ∆flu pOB2; AmpR This study
VS1211 (∆cheZ) W3110RH ∆cheZ 143

RC113 (∆fliC) W3110RH ∆fliC ∆flu pOB35; AmpR This study
RC132 (∆ycgR) W3110RH ∆ycgR ∆flu This study

SEB11 (non-adhesive WT) W3110RH ∆flu ∆csgA pOB2; AmpR This study
SEB18 (adhesive WT) W3110RH pOB2; AmpR This study

SEB21 (adhesive ∆fliC) W3110RH ∆fliC pOB35; AmpR This study
SEB25 (∆fliC Dam+) W3110RH ∆fliC pOSK239; AmpR, pVS1722; KanR This study

Table 5.1: Strains used in this study. AmpR: ampicillin-resistant, KanR: kanamycin resistant.

Plasmid name Relevant genotype and phenotype Source
pTrc99a Expression vector; pBR ori, pTrc promoter, IPTG inducible; AmpR 200

pBAD Expression vector; pBR ori, araBAD promoter, Arabinose inducible; KanR 201

pOB2 mCherry in pTrc99A, IPTG inducible; AmpR 143

pVM42 (pOB35) mNeonGreen in pTrc99A, IPTG inducible; AmpR 143

pOSK237 mCherry in pBAD, Arabinose inducible; KanR 182

pOSK239 EGFP in pBAD, Arabinose inducible; KanR 182

pVS1722 Dam methyltransferase in pTrc99A, IPTG inducible; AmpR 10

pLeoL6 cheY D13K,Y 106W in pTrc99a, IPTG inducible; AmpR 202

pSIJ8 pKD46, rhaRS-prha-FLP, AmpR 203

Table 5.2: Plasmids used in this study. AmpR: ampicillin-resistant, KanR: kanamycin resistant.
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All strains are derived from Escherichia coli wild-type strain W3110RH (RpoS+)139. Gene

deletions are carried out using the plasmid pSIJ8203, by lambda Red recombination (0.15%

arabinose induction) with a Kanamycin (Kan) resistance cassette, which is then removed with

flippase recombinase (50mM L-rhamnose induction). The plasmid pSIJ8 is then removed by

growth at 42”C. The non-motile strains lack the flagellin FliC, the non-tumbling strain the

chemotaxis response regulator CheY, and the tumbling-only strain the phosphatase CheZ. For

all the experiments in Chapter 2 and 3, the gene flu, which encodes for the major adhesin in

our growth conditions, Antigen 43, was deleted in all strains to prevent cell aggregation10. For

the experiments in Section 3.1, the non-motile cells constitutively express the Antigen 43 by

switching its expression to the ON state with the Dam methylase.

All strains are fluorescently labeled with fluorescent proteins mCherry or mNeonGreen ex-

pressed from a plasmid with pTRc99a backbone unless otherwise stated200 with a strong ri-

bosome binding site (RBS2)143. Motile strains were usually tagged with mCherry and non-

motile strains with mNeonGreen. Growth medium is supplied with 100 µM Isopropyl β-d-

1-thiogalactopyranoside (IPTG) for fluorescent protein expression induction and 0.1 mg/mL

Ampicillin as antibiotic resistance marker. The non-chemotactic but tumbling strain expresses

cheY D 13K;Y 106W (cheY **) from a plasmid with pTRc99a backbone transformed in the ∆cheY

strain. No IPTG was added, the expression of CheY** resulted only from the leaky expression

of the plasmid. At this expression level, the tumbling rate is similar to WT10. This strain

was tagged with mCherry expressed from pOSK237, a plasmid with pBAD backbone, adding

0.004% L-arabinose for protein induction and 50 µg/mL Kanamycin as antibiotic resistance

marker in the growth medium. In the adhesive non-motile strain (flu+, ∆fliC), the nor-

mally phase-variable chromosomal expression of Antigen 43 was locked to the ON state by

overexpressing the Dam methyltransferase from the leaky expression ([IPTG] = 0 µM) of a

pTRc99a-dam plasmid, following previous protocol10. This strain was tagged with EGFP ex-

pressed from pOSK239, a plasmid with pBAD backbone, adding 0.004% L-arabinose for protein

induction and 50 µg/mL Kanamycin as antibiotic resistance marker in the growth medium.

5.1.5 Experimental chamber microfabrication

Molds were fabricated using standard photolithography and microfabrication techniques.

The SU8 photoresist (MicrochemT M ) was spin-coated on a silicone wafer, prebaked, shaped by

patterned UV exposure, postbaked and washed according to manufacturer instructions. The

cast was then passivated with silane and checked using a profilometer. Poly-di-methylsiloxane

(PDMS) was poured on the cast in a 1:10 crosslinker to base ratio, degassed, baked overnight
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at 65 °C, peeled off, cut to shape and covalently bound on isopropanol-rinsed microscopy high

precision glass slides after oxygen plasma treatment. PDMS to glass covalent bonds were

allowed to form for 20 minutes at room temperature and the devices were then filled with the

samples.

5.2 Binary mixtures preparation

5.2.1 Cell growth and sample preparation

Cells are grown overnight in liquid tryptone broth (TB) medium with appropriate antibi-

otics at 37 ”C. The overnight culture is diluted 1/100 in 10 mL fresh TB supplemented with

antibiotics and inducers and grown at 34 ”C under shaking at 270 rpm for about 4h, until

the optical density at 600 nm of the suspension reached OD600 ≃ 0.5. The whole culture is

then centrifuged at 3.5krpm for 5 minutes to prevent any damage to the flagella of motile cells.

The pellet is resuspended in motility buffer (MB) + 0.01% Tween 80 + 1% Glucose. This

buffer allows cells to swim but not to grow. Tween 80 is a surfactant that prevents cell-surface

adhesion100.

Cells are brought to a high density (OD600=60) by a subsequent centrifugation (3.5krpm, 5

minutes). Appropiate dilutions are made with MB + 0.01% Tween 80. Each dilution of a strain

is mixed with a dilution of the other in a 1:1 ratio. Each mixture is then loaded in a previously

fabricated straight microfluidic channel of 1 cm length, 1 mm width and 50 µm height, if not

indicated otherwise. The channel is then sealed with grease to prevent fluid flows. For steady

state measurements, images are acquired after letting the mixtures settle in the microfluidic

device for at least 40 minutes. For time dependent measurements, only two channels are filled

at the same time, and brought immediately under the microscope. Each condition was probed

in at least three independent biological replicates.

5.2.2 Cell elongation by antibiotic treatment

For elongated cells, 100µg/mL of the appropriate antibiotic (cephalexin, cefuroxime, nalidixic

acid, pipemidic acid) are added 60 minutes (i.e., about 1.5 cell cycles) before harvesting the

cells. Cephalexin and cefuroxime are cephalosporins that inhibit the synthesis of the cell wall

and thus bacterial replication. Nalidixic acid and pipemidic acid are quinolones that inhibit

the gyrase activity, therefore inhibiting DNA synthesis and thus bacterial replication204,205.
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5.2.3 Physically modified media

When varying the buoyancy of the medium, cells are grown and processed as described

above, except that the last pellet resuspension and the serial dilutions are made in density

matching motility buffer. The latter is prepared using iodixanol to increase the MB density

up to the same density as E. coli cells (1.11g/ml). Iodixanol is a non-ionic, non-cytotoxic

iodine compound that is commonly used as a density matching agent and density gradient

medium. It has little effect on the suspension’s viscosity and is metabolically inert to E.

coli. The density matching motility buffer contains 26.6% iodixanol, the concentration of the

other components being unchanged. For the experiments with different buoyancies, the volume

fractions of iodixanol were: 0% (∆ρg = 1), 13.2% (∆ρg = 0.5), 19.9% (∆ρg = 0.25), 23.9%

(∆ρg = 0.1), 26.6% (∆ρg = 0).

5.2.4 Passive particles

Control experiments with passive colloidal particles followed the same protocol as above,

substituting non-motile cells with FluoGreen-tagged PMMA particles, with a 1.33 µm diameter

and 1.19 g/cm3 density. They are suspended in motility buffer to a final volume fraction of 2%.

5.3 Widefield epifluorescence microscopy assays

To study the characteristics of our system in the horizontal plane, we used widefield epifluo-

rescence microscopy. For this, the binary mixtures are prepared following the above-mentioned

Sample preparation (Section 5.2.1) and the density fluctuations are visualized using the Nikon

Ti-E inverted fluorescence widefield microscope with a 20x (NA 0.75) objective and the mCherry

(excitation filter 572/25, emission 645/90) and GFP (excitation filter 470/40, emission 525/50)

filters. Images are acquired in the focal plane 8 µm above the bottom of the microfluidic channel.

Focal plane is maintained using the Nikon perfect focus system.

5.3.1 Density fluctuations characterization

We characterize the density fluctuations by assessing how heterogeneous the horizontal dis-

tribution of the cells is by computing the spatial autocorrelation function and the heterogeneity

level. For this, a stack of images of 9 different XY positions spanning across the microfluidic

channel is acquired 7 times for each fluorescence channel with the Andor Zyla sCMOS Camera

and NIS software (1 px = 0.32 µm, field of view = 2048 x 2048 px2, 50ms exposure). Further

image processing is realized with Fiji (https://fiji.sc/). Each image in the stack is corrected
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for inhomogeneous illumination. For this, an illumination background image is computed at

each cell density as the median fluorescence of a large set of images taken at this density. The

intensity of this background image is then normalized by its mean. Each image of the stack

is divided by the illumination background image corresponding to its cell density. To further

correct for small remaining systematic biases in the intensity profile of each image, a quadratic

polynomial filter is applied.

Spatial structure analysis

The spatial autocorrelation function of the corrected intensity is computed as:

C(r) =
1

n(r)

n(r )X

r 0

�
I(r + r0)I(r0)

⟨I2⟩
− 1

�
(5.1)

where n(r) is the number of valid initial pixel positions r0 for a given spatial shift r. We

quantified the spatial structure factor using an ImageJ plugin based on Fourier image analysis24.

This analysis gives the energy spectrum of the density, E(q), which represents the contribution

of each wavenumber to the kinetic energy of the image. Larger holes have lower wavenumbers

q. In order to compare the different samples, we normalize E(q) by adding the difference with

the mean value of E(q) near the position q=0.2. Finally, we calculate the geometric mean of the

normalized E(q) and plot it against the wavenumber, q. In homogeneous control, this function

decays over a length scale of about 1 µm corresponding to the bacterial size, whereas a second

decay appears at several tens of microns when density fluctuations are present.

Heterogeneity quantification

The density fluctuations are quantified by calculating the heterogeneity level of the images.

For this, each image is divided into non-overlapping squares of size N , allowed to vary from

N = (20)2 px2 to N = (29)2 px2 (Fig. 5.1a). The sum of the fluorescence intensity Ik ;N =
P N

j Ik +j is computed within each square (indexed by k). The spatial variance σ2
N of this total

intensity is then computed across the squares of size N ,

σ2
N = vark (Ik ;N ). (5.2)

The latter is then normalized by the pixel size of the slice (N) and by the variance over squares

of size N = 1, σ2
1 (Fig. 5.1b), since one expects from the central limit theorem that σ2

N = Nσ2
1

for an image made of pixels that assume random non-correlated values. The ratio σ2
N /Nσ2

1

increasing as a power of N then marks large scale correlations in the spatial distribution of
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fluorescence intensity, often called giant number fluctuations42.
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Figure 5.1: Characterization of the density fluctuations. a) Fluorescent image divided into non-
overlapping squares of area N px2. b) Normalized variance of the fluorescence intensity of the non-motile
strain σ2

N /Nσ2
1 as a function of the number N of pixels of the division square, in the binary mixture ϕNM =

5.3%, ϕM = 0.18%. The dotted line represents the value of N for which heterogeneity level is calculated.

Since our images have a texture that comes from the cells being several pixels large, even in

homogeneous samples, σ2
N /Nσ2

1 transiently increases with N until the latter reaches the area

of a single cell (N ∼ 100 px2), above which σ2
N /Nσ2

1 becomes constant as a function of N .

In contrast, in samples with density fluctuations, σ2
N /Nσ2

1 keeps increasing for N > 100 px2,

marking the large scale fluctuations of the cell density (Fig. 5.1b). To reduce the corresponding

heterogeneity level to a single number, we use σ2
N /Nσ2

1 for a square of area N = (27)2 px2 =

16384 px2. The width of this square is indeed about 42 µm, which corresponds to the large

scale decay of the spatial autocorrelation function of the pixel intensity (Fig. 2.2a). Since the

value of σ2
N /Nσ2

1 for N = (27)2 in the control passive systems varies little across non-motile

volume fractions and is close to 400 on average, we further defined the heterogeneity level as

(σ2
N /Nσ2

1)/400 for N = (27)2, such that passive systems have a heterogeneity level of 1 on

average, and heterogeneity is defined relative to this homogeneous case.

5.3.2 Image velocimetry analysis

To study the horizontal motion of the non-motile cells, a movie of 7500 binned frames

is acquired at 5 frames per second for the green fluorescence channel with the Andor Zyla

sCMOS Camera and NIS software (1 px = 1.28 µm, field of view = 512 x 512 px2, 50ms

exposure). The velocity field, the flow structure factor and the kinetic energy of the non-motile

cells are measured using a local image velocimetry algorithm based on Fourier image analysis,

following previously described protocol24 (code at: doi.org/10.5281/zenodo.3516258). In short,
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local instantaneous displacements are computed on a rectangular grid with 4 px spacing, using

Gaussian filtered (half width 3 px) squared subframes (32 × 32 px2). Local velocities are then

fitted from cumulative displacements on either a 10 frames long sliding window (Fig. 2.8a,b

and Fig. 2.14a), or a 2 frames sliding window, to improve temporal resolution at the expense

of an increased measurement noise, in the case of Fig. 2.8c and Fig. 2.14b. The spatial Fourier

transform of the velocity field is computed as

v(q, t) =
X

x

v(x, t) exp (−iq · x) , (5.3)

the power spectrum as

E(q) = q


|v(q, t)|2

�
|q |=q;t /



|v(x, t)|2

�
|x |;t , (5.4)

and the time autocorrelation function as

Cv(t; q) =
⟨v(q, t + t0)v(q, t0)⟩|q |=q;t0

⟨|v(q, t)|2⟩|q |=q;t
(5.5)

5.4 Confocal microscopy assays

To study the characteristics of our system in the vertical plane, we used confocal microscopy.

For this, the binary mixtures are prepared following the above-mentioned Sample preparation

(Section 5.2.1) and are visualized using a Zeiss LSM-880 confocal microscope equipped with a

C-Apochromat 40x (NA 1.2) water immersion objective. Motile cells (tagged with mCherry)

and non-motile cells (tagged with mNeonGreen) are visualized using the 594 nm Helium-Neon

laser and 488 nm Argon laser, and detected with a photomultiplier at 490-535 nm and 598-660

nm, respectively.

5.4.1 Cell fraction vertical distribution

To study the vertical distribution of the cells in the binary mixtures, a Z-stack images of the

whole microfluidic channel are acquired using the ZEN Black software (Zeiss) (1 px = 0.2 µm

in X and Y, 1 µm in Z; field of view = 303.64 x 303.64 x 70 µm3; 0.35 µs/px exposure). The

number of cells in each Z plane is quantified by the connected components labeling algorithm

for ImageJ206. Because the height and the tilt of the microfluidic channels vary slightly from

sample to sample (< 10%), the Z position is binned and the mean of the cell fraction over the

bins is calculated. The sedimentation length λsed is extracted by fitting an exponential decay,
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Ae−z=� sed , to the vertical density profiles.

5.4.2 3D tracking

To track the horizontal and vertical motion of the non-motile cells, the binary mixtures

are prepared as explained in Section 5.2.1. To be able to track single non-motile cells, only

the 0.03% of them are fluorescently labeled. Low density regions (holes) of the mixtures are

identified with transmitted light and Z-stacks are acquired at the highest possible speed around

these regions using the ZEN Black software (Zeiss) (1px = 0.54 µm in X and Y, 2 µm in Z; field

of view = 163.5 x 163.5 x 20 µm3; 1.3 µs/px exposure; ∼0.3fps).

The three-dimensional trajectories are reconstructed using the Mosaic plugin (MosaicSuite-

1.0.1) for ImageJ207. From each trajectory is then extracted their relative position to the hole

center (defined by transmitted light) and their velocities in the vertical and horizontal planes.

5.5 Cell motility measurements with Phase contrasts microscopy

5.5.1 Cell growth and sample preparation

From an overnight culture, cells are grown in TB for 4h at 34”C. For elongated cells,

100µg/mL of the appropriate antibiotic is added 60 minutes (i.e., about 1.5 cell cycles) be-

fore harvesting the cells. The culture is centrifuged (3.5krpm for 5 minutes), and the pellet is

resuspended twice, first in MB + 1 % Glucose and then in the adequate buffer (MB, MB +

26.6 % iodixanol). The optical density of the sample is adjusted to 0.2 for DDM and 0.002 for

Particle tracking. The sample is then loaded in a previously fabricated microfluidic channel.

Cell motility and trajectories are recorded with a Nikon TI microscope at 10x (NA 0.3) magni-

fication, equipped with an Eosens 4cxp CMOS camera and StreamPix Multicamera software.

5.5.2 Motility characterization with DDM

We used Differential Dynamic Microscopy (DDM) to characterize bacterial motility208, fol-

lowing previously described protocol24. A stack of 10000 frames at 100 frames per second is

acquired with the focal plane in the middle of the microfluidic channel, so that we characterize

the swimming behavior of bacteria in the bulk. The way DDM characterizes bacterial motility

is by analyzing the temporal fluctuations in the local particle density across different length

scales by image analysis. DDM uses the image intensity as a proxy of the bacterial density, and

computes the Fourier transform of the displacement of the intensity over time. The motility
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features (swimming speed of cells, the fraction of motile cells and the diffusion coefficient of

non-motile cells) are then extracted from the Fourier components208.

5.5.3 Circular trajectories with Particle tracking

To reconstruct the horizontal trajectories of the cells close to the surface, a stack of 2000

frames at 50 frames per second is acquired. Single 2D trajectories are reconstructed using the

plugin ParticleTracking for ImageJ (code at: doi.org/10.5281/zenodo.7781880). Cell trajecto-

ries are categorized into runs and tumbles as previously described144.

Trajectory radius and center position

To calculate the radius of curvature of the trajectories, only runs are considered. The

parametric curvature C(t) is calculated for frame t as

C(t) =

������

(ẋ2 + ẏ2)
3
2

(ẋÿ − ẍẏ)

������
(5.6)

where the first and second derivatives of x(t) and y(t) are extracted from the cell tracking data

by Taylor expansion. For this, a 50 frame sliding window is considered around time t, over

which x(t′) and y(t′) are least-squares fitted to a second-order polynomial to obtain their first

and second derivatives, as given by Taylor’s expansion:

f(t′) =
2X

n=0

f (n)(t)
(t′ − t)n

n!
+ O((t′ − t)3) (5.7)

The mean curvature is computed for each run, and for each trajectory as the average of C(t)

over all times t for which the cell is categorized as running. The radius is then the inverse of the

curvature, R = 1/⟨C(t)⟩. When computing histograms of the mean radius R, each trajectory

has a weight equal to its duration.

The coordinates of the center of the circular trajectory (h, k) are calculated as

h = x − Rẏ
p

(ẋ)2 + (ẏ)2
k = y +

Rẋ
p

(ẋ)2 + (ẏ)2
(5.8)

where R is the radius of the trajectory and the first derivatives of x(t) and y(t) are calculated

as explained above.
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Circle persistence time

To estimate the circle persistence time of a trajectory of duration T , we compute the mean

linear displacement

dr(t) =

� q
[∆x(t, t0)]2 + [∆y(t, t0)]2

�

t0∈[1;T −t ]
(5.9)

with ∆x(t, t0) = x(t + t0) − x(t0), and find the smallest lag time t = τ for which dr(t) exceeds

the distance 3R with R the above defined radius of curvature, ie 1.5 times the average circle

diameter. If dr(t) never exceeds 3R, we assign τ = T .

Linking trajectories

Trajectories are linked as being described from the same cell if they meet the following

criteria: their mean radius of curvature is similar (Eq. 5.10), the diffusion of the center of the

trajectory is similar (Eq. 5.11), the mean center of the trajectories is within the limits of their

diffusion (Eq. 5.12) and mean radii (Eq. 5.13):

|Ri − Rj | < αR
Ri + Rj

2
(5.10)

|Di − Dj | < αD
Di + Dj

2
(5.11)

q
(hi − hj )2 + (ki − kj )2 < αf

Di + Dj

2
(5.12)

q
(hi − hj )2 + (ki − kj )2 < 2(Ri + Rj ) (5.13)

where the factors αR , αD , and the diffusion coefficient D are described as

αR = 2
|Ri − Rj |
Ri + Rj

αD = 2
|Di − Dj |
Di + Dj

Di;j =
var(h) + var(k)

Ti;j
(5.14)

with D as the diffusion coefficient of the center of the trajectory, αR and αD as the percentage

scaling factors, Ti;j as the trajectory duration, and αf as the time duration between both

trajectories, αf = 4000 in our case.
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5.6 Aggregates measurements

5.6.1 Sample preparation

Cells were grown and samples were prepared as explained in Section 5.2.1, with the difference

that the non-motile cells were let to aggregate by constitutively expression the adhesin Antigen

43 (strain SEB25). As soon as the mixtures are loaded into the microfluidic devices, they are

imaged to capture the dynamics of aggregation. The aggregates are visualized using the Nikon

Ti-E inverted fluorescence widefield microscope with a 20x (NA 0.75) objective and the GFP

(excitation filter 470/40, emission 525/50) filters. A movie of 80 frames is acquired at 1 frame

per minute. Images are acquired in the focal plane 2 µm above the bottom of the microfluidic

channel. Focal plane is maintained using the Nikon perfect focus system.

5.6.2 Aggregate morphology and Fractal dimension analysis

In each frame, we extract the size and fluorescence intensity of each particle from the binary

image. We then calculate the center of mass and the radius of gyration RG of each of the

aggregates in each frame as,

RG =

vuut 1

M

nX

i

Ii (xi − xcm)2 + (yi − ycm)2 (5.15)

where xi and yi are the coordinates of each pixel of the aggregate, Ii is the fluorescence intensity

of each pixel, xcm and ycm are the center of mass of the aggregate, and M the total mass of the

aggregate (size and intensity).

To characterize the morphology of the aggregates in each of the conditions we compute their

mean compactness and fractal dimension.

We calculate the compactness of an aggregate as the ratio between the aggregate size

(RA =
p

2Area/3π) and radius of gyration (RG),

1/Compactness =
RG

RA
(5.16)

.

The average fractal dimension DF of a frame is extracted by plotting on a log-log scale

the radius of gyration and the mass of the aggregates in the frame, and then the slope of the

linear fit gives us the fractal dimension98,115;

M = RD F
G . (5.17)
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5.6.3 H2O2 treatment

To test the survivability of the non-motile cells within the aggregates, 24-well plate inserts

were used, which allow for treatment application without flow disturbances. The H2O2 is

applied externally and then it diffuses through the membrane pores into the insert. These

inserts have a membrane at the bottom whose pore size allows for molecule diffusion while

bacteria cannot go through (0.4 µm). The bottom is transparent and therefore suitable for

fluorescence microscopy. The external wells are filled with 600µl of motility buffer and the

internal wells with 100µl of either the mixtures or the controls in motility buffer. The mixtures

consist of the motile strain RC101 mixed with the non-motile strain SEB25 both at OD 0.27.

The control consists of only the non-motile strain SEB25 at OD 0.27 as well. Both are prepared

following the sample preparation protocol described in the Methods section 5.2.1.

After loading the samples, the bacteria were let to aggregate for 2 hours before treatment.

For the treated samples, H2O2 at a final concentration of 0.25% is added in the external well

and the treatment is let for 1 hour to diffuse to the insert where the cells are. For the untreated

samples, the same volume of water is added likewise.

Following treatment, cell suspensions were collected, washed with PBS, and centrifuged at

8000 rpm for 2.5 minutes. The resulting pellets were resuspended, diluted, and 100µl of each

dilution was plated on agar + Kanamicyn and incubated at 37°C overnight for colony-forming

unit (CFU) counting. CFUs were calculated using the formula CFU/mL = dilution factor *

(n/v), where n is the number of colonies and v is the plated volume. Statistical analysis of

the survival rates between treated and untreated samples was performed using a paired sample

t-test.

5.7 Biofilm growth and image acquisition

To study how motility influences the formation of a biofilm, we used three different strains:

motile adhesive (strain SEB18) and non-adhesive (strain SEB11), and non-motile adhesive

(strain SEB21). The non-adhesive strains are knockouts of the genes flu and csgA. The gene

flu encodes for Antigen 43, an adhesin that mediates reversible cell-cell attachment. The gene

csgA encodes for part of the curli fibers, which are part of the biofilm matrix that E. coli

produces when grown at 30°C.

The three strains are grown overnight in liquid tryptone broth (TB) medium with Ampicillin

antibiotics at 37°C. The overnight culture is diluted 1:100 in 10 mL fresh M9 supplemented with

0.4% succinate, 0.2% casaminoacids, antibiotics and inducers and grown at 34°C under shaking
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at 270 rpm for about 6h, until the optical density (OD) at 600 nm of the suspension reached

OD600 ≃ 0.5. To ensure an equitative growth the three cultures were adjusted to an OD of

0.5 before inoculation. The day cultures were then inoculated into 2ml of the same media as

the day cultures in a 24-well plate with a glass bottom. For the mixtures, 1:100 of non-motile

cells with 1:1000 or 1:100 of non-adhesive or adhesive motile cells were inoculated. For the

control, only non-motile cells at 1:100 were inoculated. Three technical replicas were grown to

ensure no differences were observed due to the position of the samples in the 24-well plate. The

mixtures and controls in the plate were then grown at 30°C to promote curli expression and

biofilm formation139,143, and images from each of the wells were taken for a week every day at

the same time of the inoculation.

To study the growth of the biofilm in the three dimensions, we used confocal microscopy.

Every day the biofilms were imaged using the Zeiss LSM-880 confocal microscope equipped

with a Plan-Apochromat 25x (NA 0.8) water immersion objective. Motile cells (tagged with

mCherry) and non-motile cells (tagged with mNeonGreen) are visualized using the 594 nm

Helium-Neon laser and 488 nm Argon laser, and detected with a photomultiplier at 490-535

nm and 598-660 nm, respectively. The sample was kept in the microscope incubation chamber

at 30°C throughout the whole acquisition time to not disturb growth. To capture a bigger field

of view in the horizontal plane and the characteristics of the biofilm in the vertical plane, a

70 µm Z-stack and 2x2 tiling with 2% overlap was made of each of the samples.

5.8 Numerical simulations

The numerical simulations were computed in a three-dimensional rectangular box with pe-

riodic boundary conditions at the lateral edges and no-slip reflexive conditions at the top and

bottom walls, mimicking our experimental setup. Motile cells are modeled as a pusher dipole

of point forces, each force representing the cell body and the flagellar bundle. The strength

of these forces (f0) is determined by the swimming speed of the cell (v0), the hydrodynamic

radius of its body (aS) and the viscosity of the fluid (η). The fluid flow caused by these forces

was calculated using the two-dimensional Fourier space expansion of the hydrodynamic flow, an

approach based on the work of Mucha et al. (2004)179 using the algorithm of Hernandez-Ortiz

et al. (2006)180. This method allowed us to efficiently compute the fluid flow generated by

multiple point forces (two point forces in our geometry) thanks to the principle that solutions

to the Stokes equation can be added together. For cells that swim in circles on the surface, we

position the dipoles horizontally at a height of 0.7 µm from the surface. We then calculate the
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average flow they create as they move in a circle (v1r (r, z)/aSv0). Because this configuration of

forces is rotationally symmetric, the mean flow field only depends on the longitudinal (z) and

radial (r) coordinates in the cylindrical coordinate system relative to the center of the circle,

and has no azimuthal component. This makes the solution of the average flow non-trivial. We

therefore also measured the inward flow of fluid towards the center of the swimmer’s circular

trajectory at different distances to find the distance r where this inward flow is strongest.

Once the solution of the flow generated for a single swimmer close to the surface was found,

we simulated a group of them simultaneously, placing them both at the top and bottom of the

simulation space to match our experimental setups (Fig. 2.5a). Their distribution across the

horizontal plane (and therefore the center of their circular trajectories) was even, and the sizes

of the circular trajectories (their radii) were chosen based on our experimental results for both

untreated and elongated cells (Fig. 2.5d and 2.7a).

To study how the motile cells affected the motion of the non-motile cells, we then simulated

the motion of non-motile cells within this field with simplified Brownian dynamics. We con-

sidered the combined effects of the swimmers’ generated mean flow field (vtot /(aSv0)), gravity

(vsed), and Brownian motion (D), and ignored steric and hydrodynamic interactions between

the non-motile cells themselves and the effect of confinement on self-diffusion. Given that

the position of the swimmers is fixed for the whole simulation time, it can be considered as

the persistence time of the circular trajectories (τ). To visualize the spatial distribution of

these tracers, we generated pseudo images at each simulation step, mimicking experimental

microscopy conditions. These images were analyzed as described in the Methods section 5.3.1

to quantify the heterogeneity level of the tracer distribution.

For a more detailed description of the simulations refer to the methods section and supple-

mentary material of Espada Burriel and Colin (2024)209.
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